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Abstract Farming practices affect the soil microbial community, which in turn impacts crop growth and crop-weed interactions. This study assessed the modification of soil bacterial
community structure by organic or conventional cropping systems, weed species identity [Amaranthus retroflexus L. (redroot pigweed) or Avena fatua L. (wild oat)], and living or
sterilized inoculum. Soil from eight paired USDA-certified
organic and conventional farms in north-central Montana
was used as living or autoclave-sterilized inoculant into
steam-pasteurized potting soil, planted with Am. retroflexus
or Av. fatua and grown for two consecutive 8-week periods
to condition soil nutrients and biota. Subsequently, the V3-V4
regions of the microbial 16S rRNA gene were sequenced by
Illumina MiSeq. Treatments clustered significantly, with
living or sterilized inoculum being the strongest delineating
factor, followed by organic or conventional cropping system,

then individual farm. Living inoculum-treated soil had greater
species richness and was more diverse than sterile inoculumtreated soil (observed OTUs, Chao, inverse Simpson,
Shannon, P < 0.001) and had more discriminant taxa delineating groups (linear discriminant analysis). Living inoculum soil
contained more Chloroflexi and Acidobacteria, while the
sterile inoculum soil had more Bacteroidetes, Firmicutes,
Gemmatimonadetes, and Verrucomicrobia. Organically
farmed inoculum-treated soil had greater species richness,
more diversity (observed OTUs, Chao, Shannon, P < 0.05),
and more discriminant taxa than conventionally farmed
inoculum-treated soil. Cyanobacteria were higher in pots
growing Am. retroflexus, regardless of inoculum type, for
three of the four organic farms. Results highlight the potential
of cropping systems and species identity to modify soil
bacterial communities, subsequently modifying plant growth
and crop-weed competition.
Keywords 16S rRNA . Avena fatua . Amaranthus
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Introduction
Soil microbial community characteristics are driven by a myriad of factors, including climate, soil physical and chemical
traits, the abundance and diversity of plant species living at the
site, and the influx of nutrients and minerals by water, animals,
or plant detritus [1–4]. In general, an increase in microbial
phylogenetic diversity leads to improved soil health, makes
the system more resilient to physical or chemical disturbances,
modifies plant competition, and increases plant production by
facilitating access to nutrients [1, 5–9]. However, on a speciesby-species basis, microorganisms can positively or negatively

affect plant growth and health through various pathways
(reviewed in [10]). Additionally, the interactions between soil
microbiota and nutrients are complex, and increased microbial
phylogenic diversity does not always lead to increased microbial functionality (reviewed in [11, 12]). Thus, more investigation into the dynamics between microorganisms, soil nutrients, and plants is needed to understand how these interactions
shape microbial diversity and soil quality.
Although it is difficult to generalize the impact that
farming/cropping systems have on soil biology, the following
are common differences between conventional and organic
crop management in general, and applicable to dryland farms
in Montana. In organic farming, mechanical practices, such as
tillage, are commonly used to control weeds and terminate
cover crops, and have been associated with a decrease in microbial biomass [13] and diversity [14]. However, organic
farms often have increased weed diversity [15–17], and higher
plant diversity has been linked with increased microbial biomass [18], respiration, and fungal abundance [2]. In conventional farming, agriculture intensification with fertilizers and
herbicides has a negative impact on meso- and macrobiota in
the short term and microbiota over time [19]. Crop rotations
also differ between systems, with the organic farms typically
having diverse rotations and using cover crops, green manure
crops, or animal manures as source of nutrients, while conventional farms typically grow only one or two crops and rely
on synthetic fertilizers as a nutrient source. Previous studies
have demonstrated that diverse crop rotations increase the
diversity of soil biota [14]. Finally, organic versus conventional changes in soil microbiota differ with landscape complexity
[20].
Plant growth can have a species-specific impact on soil
microorganisms [21–23]. For example, a previous study
showed that plant growth increased the density of microorganisms, especially pseudomonad bacteria, over unplanted soil
[4]. Microbial density was most increased with clover
(Trifolium repens) and ryegrass (Lolium perenne) over
bentgrass (Agrostis capillaris) or wheat (Triticum aestivum)
[4]. Likewise, canola (Brassica napus) and wheat selected
for different bacterial communities, with wheat-associated soil
having lower overall diversity yet more abundant Bacillus in
the rhizoplane, and Cartobacter, Rathayibacter,
Streptococcus, and other genera more abundant in canola
roots [24].
A number of studies compared soil quality and microbial
phylogenetic or functional diversity between ecosystems, including different farming/cropping systems [25–28]; however, very little work had been done using soil from these ecosystems to condition other soil as an inoculum. Most studies
of this nature involve the addition of a single microorganism
to soil [25–27], instead of using the entire soil microbiota [28].
The present study sought to further investigate the interactions
between cropping systems, weed species, soil inoculum, and

conditioned soil bacterial community structure. This was done
by comparing bacterial 16S ribosomal RNA (rRNA) gene
populations in potting soil that had received either a living
or a sterilized soil inoculum taken from organically or conventionally farmed soil and had the problematic weed species
Amaranthus retroflexus L. (redroot pigweed) or Avena fatua
L. (wild oat) growing in it.

Methods
Sample Collection
Soil was collected on July 17–18, 2013, from eight paired
USDA-certified organic and conventional farms. Each farm
pair was located approximately 3.3 km (SD = 4.5) apart, with
pairs located across north-central Montana (mean distance between pairs 137 km, SD = 40). Pairs included Big Sandy
(BSa) organic (48.068895 N 110.011836 W) and conventional (48.066465 N 110.012038 W), Dutton (Dut) organic
(4 7. 77 856 8 N 111. 578 37 9 W ) a nd co nv en tion al
(47.772951 N 111.565377 W), Havre (Hav) organic
(48. 85047 7 N 1 09.971 366 W) a nd conv entional
(48.826182 N 110.076707 W), and Lewistown (Lew) organic
(47 .114 102 N 109. 715 622 W) a nd c onv entio nal
(47.118478 N 109.699570 W). Conventional farms practiced
a no-tillage wheat-fallow rotation, and organic farms had been
managed with intensive tillage and diverse crop rotations.
Fields for soil sampling were not randomly selected due to
logistical constraints, such as the pairing of farms by cropping
system, for fields to be planted with a wheat crop [except the
organic Dutton farm planted with Triticum turanicum Jakubz.
(Khorasan wheat var. Kamut), a close wheat relative], and
obtaining permission from landowners. Sampled fields represented a range of soil characteristics (loams, clay loams, and
silty clay loams), temperatures (mean max of 12.9–14.8 °C;
mean min (−2.7 to −0.9 °C), and annual precipitation (265–
388 mm) (see Table S1 [29]).
Within each field, soil was collected to a depth of 13 cm
using 6-cm-diameter cores every 10 m along a 200-m Wshaped transect, for a total of 21 subsamples/transect.
Transects were located at least 100 m from any field edge
and positioned on relatively uniform slopes. Subsamples
were pooled by field and refrigerated at 4 °C until the
experiment began. Bulk soil samples from each field were
sent for nutrient testing to Agvise Laboratories
(Northwood, ND) (see Table S1 [29]). First, the soils were
air-dried for 2 weeks and sifted through a 1-cm2 sieve.
Half the soil was autoclave-sterilized to 120 °C at 15 psi
for two 1-h periods with 24 h between sterilizations (sterilized, hereafter), and half was left unsterilized (living,
hereafter).

Experimental Design
The greenhouse experiment was conducted at the Plant
Growth Center at Montana State University, Bozeman, MT.
The potting media included a steam pasteurized (70 °C for
4 h) soil mix of equal parts by volume loam soil, washed
concrete sand, and Canadian sphagnum peat moss, along with
AquaGro 2000 G wetting agent blended at 0.59 kg m−3. Pots
were 2.5 L volume: 18 cm diameter × 14 cm height, and were
filled with the potting mix. Pots were then inoculated with a
small amount of soil (80 mL, approximately 3.5 % by volume), of either the biologically active (living) or autoclavesterilized soil inoculum collected from a single farm location.
Two consecutive 8-week growing trials were conducted in
two separate greenhouses, with a 2-week period in between.
Soil samples (10 cm depth × 1 cm diameter) were collected at
the end of the second growing period and analyzed for microbial
communities. Pots were kept under a 16-h photoperiod of natural
sunlight, supplemented with mercury vapor lamps
(165 μE m−2 s−1) at 22 °C/18 C day/night, and arranged using a
randomized block design, with three replicated blocks per greenhouse. Pots were seeded with either an average of 60 Am.
retroflexus L. (redroot pigweed) (AMARE) or 12 Av. fatua L.
(wild oat) (AVEFA), which were selected for their contrasting
life history attributes (i.e., dicot vs. monocot), and their importance as agricultural weeds in the Northern Great Plains Region
of North America. Prior to planting, seeds were surface-sterilized
by soaking in 70 % ethanol for 2 min, then a 5 % bleach solution
for 1 min, then rinsed 5 times with sterile water. Plants were
thinned 10 days after emergence to either 10 or 6 evenly spaced
individuals, respectively. Pots were watered as needed and were
not fertilized. Further details of the soil collectionand greenhouse
study (i.e., plant biomass, nutrient content) can be found in
Johnson et al. [29], specifically Table S1. Organic soil contained
more organic matter than conventional soil (P < 0.05) but did not
significantly differ in nitrogen content [29].
DNA Extraction and Sequencing
Nucleic acids were extracted from 1 g of soil using the
PowerSoil 96-well Soil DNA Isolation Kit (MoBio
Laboratories, Inc., Carlsbad, CA) following kit instructions
specific to Bcentrifugation exclusively.^ PCR was performed
to amplify the V3-V4 region of the 16S rRNA gene using the
KAPA HotStart PCR Kit (Kapa Biosystems, Wilmington,
MA): 10 μL Kappa HotStart Mastermix, 6 μL moleculargrade water, 1 μL of each forward and reverse primer
(10 mM concentration), and 2 μL sample DNA. Primers included the MiSeq adaptors (A for forward, B for reverse), the
sample index/barcodes, the two-nucleotide linker, and the
primers 341F (5′-CCTACGGGAGGCAGCAG-3′) [30] and
806R (5′-GGACTACHVGGGTWTCTAAT-3′) [31] which
target the prokaryotic (bacterial and archaeal) 16S rRNA gene.

The HotStart PCR protocol was as follows: 95 °C for 3 min;
5 cycles of denaturation at 98 °C for 20 s, annealing at 52 °C
for 30 s, elongation at 72 °C for 45 s; 25 cycles of denaturation
at 98 °C for 20 s, annealing at 60 °C for 30 s, elongation at
72 °C for 45 s; followed by storage at 4 °C. PhiX was used as a
positive control at a 10 % spike-in, and molecular-grade sterilized water was used as a negative control.
PCR amplicon concentrations were checked on a
TapeStation Bioanalyzer (Agilent Technologies, Santa Clara,
CA) using the D1000 Screentapes with 3 μL of D1000 buffer
and 1 μL of PCR product in each tube. Samples were diluted
with molecular water and pooled at 2 ng of DNA per sample.
Isopropanol was added at 10 % of the pool volume, then
briefly vortexed and placed on a vacuum centrifuge at 45 °C
until all liquid had evaporated. The concentrated pool was
resuspended in 150 μL of molecular water and pipetted gently
up and down to mix. The pooled PCR product was run on a
1.5 % agarose gel at 100 V, 200 mA for 30 min, and the
amplicon band was excised from the gel and purified using
the QIAquick gel extraction kit (QIAGEN, Valencia, CA) according to kit instructions. High-throughput sequencing was
performed using an Illumina MiSeq (Illumina, San Diego,
CA) and a 500-cycle V2 kit. Output data included
demultiplexed fastq files, which had had the primer and index
sequences removed. Sequencing data can be found in the
Sequence Read Archive (SRA) at NCBI under
BioProject301630.
DNA Analysis
Paired-end 16S rRNA sequences for each sample were assembled into contiguous segments, using a simple Bayesian algorithm with PANDAseq [32], which met default PANDAseq
quality parameters along the overlap. First, sequences were
trimmed after any homopolymer >8 b long using an inhouse script, as homopolymer length is not directly tied to
whole sequence error rate in Illumina MiSeq data [33].
Mothur ver. 1.35 [34, 35] was then used to cull sequences
which were <250 or >580 b, or which contained any ambiguous bases (N). Sequences were aligned to the Silva v119
reference database, which contains bacterial and archaeal
16S rRNA sequences, using the Wang algorithm [36].
Samples containing >15,000 sequences were randomly subsampled down to 15,000 per sample for easier computing.
Chimeras were identified and removed using the mothurintegrated version of UCHIME [37], and sequences were
preclustered to consolidate sequences with <2 base differences
[38]. Sequences were classified by the mothur-implemented
RDP classifier using the Silva v119 taxonomy database at
80 % confidence cutoff, and any that would not classify to
phylum were removed. Archaeal diversity was very low, either from low abundance in greenhouse pots or sequencing
bias, and so sequences were removed from further analysis.

Pairwise comparisons of taxonomic diversity were made
using a Student’s t test.
Sequences were grouped by sampling location, and then
subsampled to 5000 reads per group for statistical analysis,
which removed six groups containing fewer than the cutoff.
Distance was calculated and sequences were clustered into
operational taxonomic units (OTUs) based on a 3 % genetic
cutoff using the nearest-neighbor algorithm. The diversity
measures, Chao [39], Jackknife [40], inverse Simpson [41],
Good’s coverage [42], Shannon-Weiner diversity [43], analysis of molecular variance (AMOVA), analysis of similarity
(ANOSIM) [44], and UniFrac [45] values are presented as
group mean. Pairwise comparisons of diversity metrics
Chao, inverse Simpson, Good’s coverage, and ShannonWeiner were made using a Student’s t test. UniFrac unweighted compares tree structure between samples, while weighted
also takes into account sequence abundance. Linear discriminant analysis (LDA) was run to detect discriminatory OTUs,
using the Wilcoxon rank test to determine significance. A
nonmetric multidimensional scaling (NMDS) plot was created
in the statistical package R [46] using a mothur-generated
NMDS calculation of Bray-Curtis dissimilarity phylogenetic
distance calculations to display clustering using Euclidean
distance [47]. OTU abundance from mothur was imported
into PRIMER ver. 6 for analysis, normalized to relative abundance and square-root-transformed, then analyzed using
PERMANOVA to assess which treatment contributed to data
variation, ANOSIM, and metric multidimensional scaling
(MDS) plot with vectors representing multiple regressions to
show correlation coefficients using PERMANOVA, the
length of which shows the strength of the correlation.
Predicted metagenomics were performed for bacteria and
archaea based on previously described metagenomes using
the PICRUSt [48] online version, available on the online
Galaxy platform (https://huttenhower.sph.harvard.
edu/galaxy/). A biom file was generated in mothur with a
Greengenes core set reference database for 16S rRNA, then
uploaded to Galaxy. The BIOM file was then normalized
based on 16S rRNA copy number prior to metagenome
prediction and subsequently categorized by function-based
family-level taxonomy using the Kyoto Encyclopedia of
Genes and Genomes (KEGG) pathways in Galaxy online.
Statistical analysis and plot generation of the resulting file
was performed with STAMP v2.0.9 [49]. Pairwise comparison of the KEGG pathways was performed applying a
Welch’s (two-tailed) t test with 95 % confidence intervals,
and values were considered significant at P < 0.05.

Results
A total of 9,609,169 contigs were assembled using
PANDAseq (2531–579,315 per sample). After trimming for

quality and removing sequences that did not align, a total of
9,587,618 remained (2519–577,843 per sample). These remaining sequences were then quality trimmed for chimeras
(7.1 % of total sequences) and taxonomically unresolvable
sequences (0.008 % of total sequences), leaving a total of
2,521,528 sequences (2416–14,679 per sample).
Taxonomic Classification
The relative abundance of bacteria at the phylum level
varied as a function of geographic location and cropping
system, as well as type of inoculum and weed species
identity (Fig. 1). Archaeal sequences represented
<0.001 % of total abundance and were not included in
the taxonomic analysis (Supplementary Table 1). Only
17 samples contained archaea, 14 of which were living
and 3 of which were sterile. Sixteen contained the phylum
Euryarchaeota, and one contained Thaumarchaeota
(BsaOr_Pig_Lv). Broadly speaking, bacteria belonging
to the phylum Proteobacteria was most common across
all samples, represented in 35–50 % of sequences in all
samples, followed by Actinobacteria with 11–24 %.
Soil that received a sterilized inoculum differed from soil
with living inoculum (Fig. 1, Table 1). Samples that received a living inoculum had different (P < 0.05) amounts
of Acidobacteria, Chloroflexi, and unclassified bacteria,
while samples inoculated with a sterile inoculum samples
had more Bacteroidetes, Firmicutes, Gemmatimonadetes,
and Verrucomicrobia. Specifically, Acidobacteria was twice
as common in soil given a living inoculum (mean 7.2 % of
sequences) than sterile inoculum (mean 3.8 % of sequences), and Verrucomicrobia were twice as abundant in
soil inoculated with sterile inoculum (mean 3.9 % of sequences) than living inoculum (mean 1.5 % of sequences),
regardless of the farm location or cropping system.
Several weed-specific trends were seen with respect to
microbial phylogenetic diversity (Fig. 1, Table 1).
Cyanobacteria was more abundant in soil growing Am.
retroflexus for Lewistown organic farms for pots inoculated with either living or sterilized inoculum (11.6 and
9.6 % of sequences, respectively), as well as Dutton organic inoculated with sterilized inoculum (10.5 % of sequences), and Havre organic inoculated with living or
sterile inoculum (9.8 and 8.9 % of sequences, respectively), than other weed and inoculum combinations (ranging
from 1 to 7.7 % of sequences). Notably, Big Sandy organic and conventional farms had larger percentages of
Firmicutes (19.7 and 22.6 % of sequences) for soil that
had received a sterilized inoculum and grown Av. fatua
than any other inoculum or weed species combination
(range 2.3–6.9 % of sequences).
At a greater taxonomic resolution, a total of 854 genera or
candidate genera were identified (Supplementary Table 2).

Lew Conv
Lew Org

AMARE_St
AMARE_Lv
AVEFA_St
AVEFA_Lv
AMARE_St
AMARE_Lv
AVEFA_St

Hav conv

AVEFA_Lv
AMARE_St
AMARE_Lv
AVEFA_St
AVEFA_Lv
Hav Org

Fig. 1 Relative abundance of soil
bacteria at the phylum level
across soil samples that were
inoculated with either a living or
sterile inoculum collected from
either organic or conventional
farms and was conditioned by
either Amaranthus retroflexus L.
(redroot pigweed) or Avena fatua
L. (wild oat). Abbreviations are as
follows: AVEFA, Av. fatua;
AMARE, Am. retroflexus; Lv
living inoculum, St sterilized
inoculum
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Between 33 and 58 % of sequences were Bunclassified^ at the
genus level. The most abundant genus identified was
Arthrobacter (up to 13 % abundance), followed by (<10 %
of sequences each) Adhaeribacter, Altererythrobacter,
Bacillus, Blastocatella, Blastococcus, Brevundimonas,
C ro c e i c o c c u s , D e v o s i a , G e m m a t i m o n a s , I a m i a ,
Microcoleus, Nocardioides, Ohtaekwangia, Pseudolabrys,
and Sphingomonas.
Free-living (Arthrobacter, Bacillus, Beijerinckia,
Bradyrhizobium, Azospirillium, Clostridium,
Corynebacterium, Flavobacterium, Nostoc, and
Pseudomonas spp.) and symbiotic (Rhizobacter, Rhizobium,
and Rhizomicrobium spp.) nitrogen-fixing species made up an
average of 3.6–19.3 % of sequences that could be classified
down to the genus level (Fig. 2). Organic and conventional
farms had similar relative abundances of nitrogen fixers
(P > 0.05). Samples that received a sterile inoculum had a
higher relative abundance of nitrogen fixers than those

receiving living inoculum (P < 0.05). Pots cultivated with Av.
fatua had higher relative abundances of nitrogen fixers than
those cultivated with Am. retroflexus (P < 0.05), regardless of
receiving a living or sterile inoculum. Nitrogen fixers had
higher (P < 0.05) relative abundances in pots that received
organic sterile as compared to organic living inoculums, and
in conventional sterile as compared to conventional living
inoculums.
Pots that received living inoculum samples shared 30 %
(132,839) of sequences in 10 OTUs: Pseudolabrys,
Erythrobacteraceae, Geodermatophilaceae,
Hyphomicrobiaceae, Microbacteriaceae, Micrococcaceae,
Bacillales, and Sphingomonadales (3 OTUs). Organic soil
samples shared 24.7 % (109,154) sequences in two OTUs that
were classified as Micrococcaceae and Sphingomonadales.
Dutton farms shared one Micrococcaceae OTU, and
Lewistown farms shared one Sphingomonadales OTU. A linear discriminant analysis indicated that there were 178

Table 1 Phylogenetic distance-based ANOSIM and UniFrac weighted and unweighted scores across soil samples inoculated with either living or sterile
inoculum collected from organic and conventional farms and conditioned by either Amaranthus retroflexus L. (redroot pigweed) or Avena fatua L. (wild oat)
Comparisons

ANOSIM
R value

ANOSIM
P value

UniFrac
weighted

P
value

UniFrac
unweighted

P
value

Living vs. sterile
Org vs. Conv

0.492
0.112

0.03
<0.001

0.906
0.706

<0.001
<0.001

0.990
0.972

<0.001
<0.001

Am. retroflexus vs. Av.
fatua
Farms overall

0.001

0.436

0.679

<0.001

0.963

0.020

0.220

<0.001

0.724

<0.001

0.960

0.104

Org Lv vs. Conv Lv
Org St vs. Con St

0.114
–

<0.001
–

0.632
0.805

<0.001
<0.001

0.967
0.976

0.009
<0.001

Org Lv vs. Org St

0.472

0.039

0.955

<0.001

0.988

<0.001

Conv Lv vs. Conv St
Con Lv vs. Org St

–
0.567

–
0.021

0.919
0.911

<0.001
<0.001

0.993
0.985

<0.001
<0.001

Org Lv vs. Conv St

–

BSa vs. Dut
BSa vs. Hav

0.351
0.132

–
<0.001
<0.001

0.925

<0.001

0.998

<0.001

0.682
0.682

<0.001
<0.001

0.964
0.963

0.005
0.011

BSa vs. Lew

0.230

<0.001

0.661

<0.001

0.955

0.153

Dut vs. Hav
Dut vs. Lew
Hav vs. Lew

0.206
0.266
0.161

<0.001
<0.001
<0.001

0.722
0.680
0.722

<0.001
<0.001
<0.001

0.960
0.950
0.954

0.051
0.384
0.094

For ANOSIM, an adjusted pairwise error rate (Bonferroni) would be 0.00833. ANOSIM R values are considered well separated if >0.75, separated but
overlapping if >0.5, and not separated if <0.25

significant discriminatory OTUs between soil collected in
pots that received living or sterilized inoculums (1359
total OTUs) (Table 2), and 37 discriminatory OTUs
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Fig. 2 Diversity of nitrogenfixing genera identified across
soil samples that were inoculated
with either a living or sterile soil
collected from either organic or
conventional farms and
conditioned by either Amaranthus
retroflexus L. (redroot pigweed)
or Avena fatua L. (wild oat).
Abbreviations are as follows:
AVEFA, Av. fatua; AMARE, Am.
retroflexus. Statistical
significance (P < 0.05) using
Student’s t test is designated by an
asterisk

between organic versus conventional farms (313 total
OTUs) (Fig. 3). There were only 11 significant discriminatory OTUs (356 total OTUs) between farm locations;

Clostridium_sensu_stricto_8
Corynebacterium
Living

Flavobacterium
*

Nostoc
Paenibacillus

Sterile

Pseudomonas
Rhizobacter

AVENA

Rhizobium
*

AMARE

Rhizomicrobium

Table 2 Linear discriminant
analysis (LDA) values for living
versus sterile soil inoculum, in
soil samples collected from
organic and conventional farms
and conditioned by either
Amaranthus retroflexus L.
(redroot pigweed) or Avena fatua
L. (wild oat)

OTU no.

Taxa

LDA

OTU no.

Taxa

LDA

Otu2
Otu4

Geodermatophilaceae
Sphingomonadales

3.878
3.774

Otu247
Otu305

Emticicia
Pedomicrobium

2.693
2.690

Living

Otu16

Proteobacteria

3.491

Otu306

Rhizobiales

2.688

Otu8

Sphingomonadales

3.415

Otu29

Microvirga

2.682

Otu24

Ralstonia

3.21

Otu272

Rhodospirillales

2.681

Otu22

Acidobacteria

3.200

Otu116

Sphingomonadales

2.675

Otu50
Otu48

Rhizomicrobium
Betaproteobacteria

3.192
3.183

Otu143
Otu182

Thermomicrobia
Intrasporangiaceae

2.674
2.665

Otu70

Pedomicrobium

3.144

Otu223

Alphaproteobacteria

2.657

Otu42
Otu21

Sphingomonadales
Burkholderiales

3.141
3.14

Otu192
Otu188

Candidate_division_TM7
Acidobacteria

2.653
2.651

Otu46

Comamonadaceae

3.133

Otu179

Actinobacteria

2.641

Otu58
Otu78

Fictibacillus
Lamia

3.097
3.069

Otu251
Otu239

Actinobacteria
Streptomycetaceae

2.637
2.634

Otu25

Bacillales

3.053

Otu73

Caenimonas

2.611

Otu59
Otu87
Otu38

Acidobacteria
Rhodoplanes
Pseudomonadaceae

3.05
3.036
3.033

Otu97
Otu199
Otu12

Microcoleus
Myxococcales
Microbacteriaceae

2.607
2.604
2.59

Otu51
Otu106
Otu110

Skermanella
Bacillaceae
Chitinophagaceae

2.994
2.985
2.975

Otu140
Otu282
Otu154

Fibrobacteraceae
Methylobacterium
Opitutus

2.585
2.584
2.579

Otu91

Bacillaceae

2.951

Otu203

Proteobacteria

2.563

Otu93
Otu105

Bosea
Holophagae

2.950
2.941

Otu178
Otu242

Pedobacter
Adhaeribacter

2.561
2.560

Otu94
Otu124
Otu76

Acidobacteria
Actinobacteria
Flavitalea

2.923
2.917
2.913

Otu75
Otu297
Otu162

Fibrobacteraceae
Myxococcales
Betaproteobacteria

2.559
2.559
2.555

Otu40
Otu139
Otu104

Comamonadaceae
Pseudomonas
Betaproteobacteria

2.909
2.901
2.893

Otu210
Otu252
Otu238

Comamonadaceae
Comamonadaceae
Rhodobacteraceae

2.554
2.55
2.547

Otu119
Otu54
Otu17
Otu126
Otu171
Otu172
Otu148
Otu151
Otu155
Otu157

Chloroflexi
Hirschia
Pseudolabrys
Myxococcales
Comamonadaceae
Betaproteobacteria
Thermoactinomycetaceae
Rhizobiales
Betaproteobacteria
Proteobacteria

2.889
2.883
2.876
2.871
2.867
2.851
2.843
2.843
2.837
2.833

Otu349
Otu244
Otu55
Otu35
Otu294
Otu166
Otu261
Otu68
Otu123
Otu132

Ohtaekwangia
Rhizobiales
Arenimonas
Azohydromonas
Flavisolibacter
Anaerolineaceae
Nocardioides
Sphingomonadales
Lamia
Nocardioides

2.540
2.537
2.534
2.527
2.524
2.52
2.518
2.513
2.509
2.499

Otu85
Otu114
Otu156
Otu144

Deltaproteobacteria
Sphingomonadales
Acidobacteria
Gemmatimonadetes
Acidobacteria

2.83
2.825
2.820
2.812
2.811
2.811
2.799
2.779

Otu149
Otu112
Otu250
Otu213
Otu240
Otu260
Otu138
Otu131

Rhizobiales
Gemmatimonadaceae
Blastocatella
Flavisolibacter
Pseudospirillum
Rhizobiales
Nocardioides
Rhodoplanes

2.497
2.493
2.483

Otu117
Otu165
Otu191
Otu215

Actinobacteria
Chitinophagaceae
Verrucomicrobia

2.457
2.455
2.446
2.441
2.439

Table 2 (continued)
OTU no.

Taxa

LDA

OTU no.

Taxa

LDA

Otu83
Otu147

Ilumatobacter
Marmoricola

2.771
2.77

Otu197
Otu81

Acidobacteria
Chloroflexi

2.438
2.42945

Otu167

Rhizobiales

2.764

Otu56

Micromonosporaceae

2.41703

Otu198
Otu189

Rhizobiales
Sphingobacteriaceae

2.759
2.749

Otu108
Otu207

Actinobacteria
Rhizobiales

2.404
2.400

Otu273

Geodermatophilaceae

2.738

Otu134

Proteobacteria

2.400

Otu311
Otu202

Acidobacteria
Solirubrobacterales

2.737
2.729

Otu160
Otu231

Xanthomonadaceae
Cyanobacteria

2.37
2.356

Otu298
Otu313

Oxalobacteraceae
Rhizobiales

2.726
2.725

Otu118
Otu125

Haliangium
Nocardioides

2.348
2.336

Otu225

Adhaeribacter

2.723

Otu170

Lautropia

2.317

Otu80

Acidobacteria

2.72

Otu92

Gemmatimonadetes

2.313

Otu181
Otu266

Actinobacteria
Hyphomicrobiaceae

2.713
2.710

Otu212
Otu186

Dyadobacter
Flavisolibacter

2.298
2.287

Otu209

Lysobacter

2.709

Otu234

Rhizobiales

2.289

Otu69

Bryobacter

2.702

Otu194

Pontibacter

2.262

Otu299

Flavobacterium

2.701

Otu217

Bacillaceae

2.25

Otu271
Otu302

Alphaproteobacteria
Anaerolineaceae

2.700
2.696

Otu248

Hyphomicrobiaceae

2.245

Micrococcaceae
Bradyrhizobiaceae

3.928
3.563

Otu31
Otu6

Rhizobiales
Sphingomonadales

3.079
3.053

Otu7
Otu39
Otu10

Micromonosporaceae
Ohtaekwangia
Ohtaekwangia

3.48
3.444
3.438

Otu135
Otu159
Otu95

Actinobacteria
Rubrobacter
Saprospiraceae

2.958
2.952
2.913

Otu63
Otu14
Otu20

Acidobacteria
Adhaeribacter
Bacillaceae

3.414
3.382
3.355

Otu36
Otu102
Otu86

Paenibacillaceae
Gemmatimonadetes
Rubellimicrobium

2.889
2.636
2.53

Otu15
Otu3
Otu9

Rhizobiales
Hyphomicrobiaceae
Comamonadaceae

3.331
3.312
3.274

Otu82
Otu98
Otu177

Rhizobiales
Gemmatimonadetes
Acidobacteria

2.456
2.435
2.38

Otu61
Otu113
Otu96
Otu37

Verrucomicrobia
Rhizobiales
Acidobacteria
Xanthomonadaceae

3.219
3.205
3.177
3.16

Otu137
Otu74
Otu129
Otu72

Ohtaekwangia
Acidobacteria
Anaerolineaceae
Brevundimonas

2.361
2.356
2.332
2.332

Otu43
Otu66
Otu77
Otu30
Otu64
Otu111
Otu27
Otu18

Chloroflexi
Gemmatimonadaceae
Gemmatimonas
Caenimonas
Blastocatella
Anaerolineaceae
Rhizobiales
Myxococcales

3.153
3.148
3.147
3.14
3.133
3.103
3.094
3.087

Otu133
Otu152
Otu187
Otu142
Otu183
Otu246
Otu174

Xanthomonadaceae
Aeromicrobium
Flavisolibacter
Rhizobiales
Haliangium
Caldilineaceae
Comamonadaceae

2.332
2.285
2.282
2.247
2.238
2.225
2.211

Sterile
Otu1
Otu23

All values presented were statistically significant (P < 0.05), with the lowest level of classification

however, these came from only two sites: Lewiston:
B re v u n d i m o n a s ( L D A = 2 . 7 0 5 ) a n d P o n t i b a c t e r
(LDA = 2.663), and Havre: Micrococcaceae (LDA =
3 . 8 1 3 ) , C h l o r o f l e x i ( L D A = 3 . 1 3 3 a n d 3 . 0 11 ) ,

Rhizobiales (LDA = 3.046), Rhodoplanes (LDA = 2.995),
Anaerolineaceae (LDA = 2.990), Solirubrobacterales
(LDA = 2.902), Modestobacter (LDA = 2.679), and
A n a e r ol i n e a c e a e ( L D A = 2 .6 5 3 ) . T h e r e w er e n o

Conv
Org

Chitinophagaceae
Actinobacteria
Rhizobiales
Rhizobiales
Acidobacteria
Sphingobacteriaceae
Opitutus
Rhizobiales
Rhizobiales
Rhizobiales
Caenimonas
Microvirga
Xanthomonadaceae
Anaerolineaceae
Brevundimonas
Nocardioides
Brevibacillus
Mycobacterium
Myxococcales
Gemmatimonadetes
Hyphomicrobiaceae
Acidobacteria
Staphylococcus
Rhizobiales
Comamonadaceae
Pseudolabrys
Anaerolineaceae
Caenimonas
Phyllobacteriaceae
Oxalobacteraceae
Chloroflexi
Rhodobacteraceae
Hyphomicrobiaceae
Sphingomonadales
Micromonosporaceae
Rhizobiales
Micrococcaceae
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Fig. 3 Linear discriminant analysis of discriminatory OTUs between
pots that received soil inoculums collected from either organic versus
conventional farms, across soil samples inoculated with either living or
sterile inoculum and conditioned by either Amaranthus retroflexus L.

(redroot pigweed) or Avena fatua L. (wild oat). LDA detects
discriminatory OTUs, and values shown are significant (P < 0.05) using
the Wilcoxon rank test

discriminatory OTUs when comparing between pots
where either Av. fatua or Am. retroflexus grew.

Soil inoculated with living inoculum consistently had
higher levels of diversity over samples receiving a sterile inoculum (Table 3, individual results are presented in
Supplementary Table 3). Pairwise group comparisons indicated that soil inoculated from organic farms had higher Shannon
diversity over that inoculated with soil from conventional
farms (P < 0.05), though inverse Simpson was not different
(Table 3). Neither samples inoculated with organic nor conventional soil had different total numbers of sequences, although the unique (nonredundant) sequences were higher in
either all living or all organic samples, showing that increased
diversity measures were not reflective of higher sequencing
output in certain groups (Table 3). No difference was seen
between pots where Av. fatua or Am. retroflexus grew. When
comparing overall diversity indices using ANOSIM, samples
were not well separated overall (R < 0.25, P = 0.01), though
with some separation of cropping systems by inoculum type
(R = 0.295, P = 0.01), or inoculum by cropping system
(R = 0.369, P = 0.01). For treatment group comparisons (ex.
CvPigSt vs. OrPigSt), unweighted UniFrac values ranged

Diversity Indices
AMOVA results indicated that samples had differing
phylodiversity when comparing samples that received inoculum from living versus sterilized, organic versus conventional
farms, and across farm locations (P < 0.001 for each comparison), by both weighted and unweighted UniFrac (Table 1).
ANOSIM results indicated that samples were separated using
OTU abundance when comparing pooled living versus sterilized inoculum (R = 0.596, P = 0.01) and inoculum type within
organic versus conventional farms (R = 0.769, P = 0.01)
(Table 1). Av. fatua and Am. retroflexus comparisons were only
significant using UniFrac, and not with AMOVA or ANOSIM
(Table 1). A total of 137 multivariate comparisons using phylogenetic distance were made when analyzing each sample
separately, for which 107 were significant using AMOVA
and 108 using ANOSIM (data not shown).

Table 3 Comparison of the mean microbial diversity statistics for soil samples inoculated with either living or sterile inoculum collected from organic
and conventional farms and conditioned by either Amaranthus retroflexus L. (redroot pigweed) or Avena fatua L. (wild oat)
Sample mean

Total seqs (screened)

Subsampled to 5000/sample
Unique seqs

OTUs

Good’s coverage

Chao

Inverse Simpson

Shannon
6.33

Living

55,026

1472

858

0.55

3034

382.71

Sterile

47,219

636

360

0.49

1537

198.97

5.25

P value
Organic

ns
49,802

<0.001
1231

<0.001
694

0.012
0.56

<0.001
2640

<0.001
281.35

<0.001
6.02

Conventional

52,442

877

524

0.48

1931

300.32

5.56

P value
Av. fatua

ns
49,651

0.027
1007

0.040
584

0.001
0.52

0.045
2126

ns
285.87

0.013
5.72

Am. retroflexus

52,594

1100

634

0.52

2445

295.81

5.86

P value
Organic living

ns
41,264

ns
1400

ns
820

ns
0.55

ns
2787

ns
374

ns
6.295

Conventional living

68,788

1544

896

0.55

3281

391

6.37

P value
Organic sterile

ns
58,341

ns
1062

0.03
569

ns
0.57

0.013
2493

ns
189

0.012
5.75

Conventional sterile

36,097

210

152

0.40

581

209

4.75

P value
BSa org
BSa conv
P value

<0.001
47,510
55,510
ns

<0.001
1167
848
ns

<0.001
665
516
ns

<0.001
0.55
0.51
ns

<0.001
2596
2064
ns

ns
269.92
294.80
ns

<0.001
5.92
5.52
ns

Dut org

35,873

1108

634

0.56

2302

268.41

5.97

Dut conv
P value

69,346
ns

811
ns

506
ns

0.45
ns

1827
ns

291.17
ns

5.52
ns

Hav org
Hav conv
P value

51,558
52,859
ns

1167
898
ns

659
517
ns

0.57
0.48
ns

2368
1834
ns

302.94
305.05
ns

6.01
5.58
ns

Lew org
Lew conv

64,269
32,055

1482
950

821
557

0.57
0.47

3293
1999

284.15
310.27

6.18
5.63

P value

0.017

ns

ns

ns

ns

ns

ns

Significant pairwise comparisons using Student’s t test are shown

from 0.951 to 0.998 and were significant (P < 0.05) with the
exception of Av. fatua versus Am. retroflexus for conventional
living, conventional sterile, or organic living, as well as conventional versus organic for Am. retroflexus living. Weighted
UniFrac values ranged from 0.631 to 0.988 and were all significant (P < 0.001).
PERMANOVA comparisons indicated that when considering OTU presence and abundance, farm location, inoculum
type, cropping systems, and weed species, all had an influence, as did the interactions between farm location/cropping
system, farm location/inoculum, and cropping system/
inoculum (Table 4). When considering differences in the diversity indices, only inoculum and cropping systems had a
significant influence, as did the interactions between farm
location/cropping system and inoculum/cropping system.
Samples clustered by inoculum type and cropping system on
an nMDS plot using phylogenetic distance (Fig. 4). Samples

that received a sterile inoculum separated by cropping system,
and were more influenced by farm location, than samples that
received a living inoculum. When comparing only the living
samples, samples clustered by cropping system (Fig. 5a) and
by farm location (Fig. 5b), though not by weed species (data
not shown), using an MDS plot of OTU abundance.
Correlation Between Bacterial Taxa and Plant Growth
Significant Pearson’s correlations between wheat biomass,
weed biomass, and the most abundant bacterial taxa are shown
in Fig. 6. Living inoculum or organic cropping systems were
positively correlated with a large number of taxa, while sterile
inoculum or conventional cropping systems were negatively
correlated with a large number of taxa. AVEFA biomass was
positively correlated with the order Rhizobiales; the families
Rhodobacteriaceae and Comamonadaceae; and the genera

Table 4 PERMANOVA values
for OTU abundance and diversity
indices across soil samples
inoculated with either living or
sterile inoculum collected from
organic and conventional farms
and conditioned by either
Amaranthus retroflexus L.
(redroot pigweed) or Avena fatua
L. (wild oat)

Source

df

Sum of squares

Mean squares

Pseudo-F

P value

Cropping system (C)
Farm location (F)

1
3

7775.2
10,497

7775.2
3499

3.6295
1.6334

0.0001
0.0001

Inoculum (I)

1

62,589

62,589

29.217

0.0001

Weed (W)

1

2635.1

2635.1

1.2301

0.0103

F×W

3

6303.3

2101.1

0.98082

0.6402

OTU abundance

C×W

1

2283.6

2283.6

1.066

0.2326

I×W
F×C

1
3

1876.4
8529

1876.4
2843

0.87595
1.3272

0.9126
0.0001

F×I

3

10,272

3424

1.5984

0.0001

C×I
I×C×W

1
1

8272.5
2287.6

8272.5
2287.6

3.8617
1.0679

0.0001
0.2202

F×I×C

3

8137.9

2712.6

1.2663

0.0001

F×C×W
F×I×W

3
3

6039.4
6130.5

2013.1
2043.5

0.93976
0.95393

0.869
0.8037

F×I×C×W

3

6513.9

2171.3

1.0136

0.3864

Diversity indices (presented in Table 3)
Cropping system (C)
1
3653.9
Farm location (F)
3
2323.6

3653.9
774.55

7.0412
1.4926

0.0017
0.1751

391.27

13,846
663.76
1251.3
391.27

26.682
1.2791
2.4113
0.75398

0.0001
0.2608
0.0275
0.4799

Inoculum (I)
Weed (W)
F×C
C×W

1
1
3
1

I×C
F×W
F×I

1
3
3

18,702
739.13
386.36

18,702
246.38
128.79

36.039
0.47478
0.24818

0.0001
0.843
0.9667

I×W
F×C×W
F×I×C

1
3
3

23.404
820.91
1963.8

23.404
273.64
654.61

4.51E-02
0.52731
1.2615

0.9537
0.8079
0.274

I×C×W
F×I×W
F×I×T×W

1
3
3

441.14
1195.5
1608.8

441.14
398.51
536.28

0.85008
0.76794
1.0334

0.4259
0.5913
0.4029

Ralstonia, Azohydromonas, Hirschia, and Arenimonas.
AMARE biomass was positively correlated with the phylum
Proteobacteria; the orders Sphingomonadales, Myxococcales,
and Rhizobiales; the families Geodermatophilaceae,
Micromonasporaceae, Phyllobacteriaceae,
Xanthomonadaceae, Comamonadaceae, and
Anaerolineaceae; and the genera Ohtaekwangia,
Croceicoccus, Brevundimonas, Rhizomicrobium, Hirschia,
and Fictobacillus. Winter wheat biomass was positively correlated with the phylum Proteobacteria; the orders Bacillales,
Rhizobiales, Burkholderiales, and Myxococcales; the families
Geodermatophilaceae, Micromonasporaceae,
Microbacteriaceae, Bacillaceae, Hyphomicrobiaceae,
Anaerolineaceae, and Comamonadaceae; and the genera
Ralstonia, Caenimonas, Ohtaekwangia, Croceicoccus,
B re v un d i m o n a s, R h i z o m i c ro b i u m , H i r s c h i a, a n d

13,846
663.76
3753.8

Fictobacillus. It was slightly negatively correlated with the
order Sphingomonadales, the family Pseudomonadaceae,
and the genus Adhaeribacter.
Predicted Metagenomics
Pooled organic or conventional samples had a number of slight
differences in predicted functionality, with the largest differences in mean proportions shown in Supplemental Fig. 1.
Pooled organic samples showed a predicted increase in the
numbers of fatty and volatile fatty acid degradation genes, as
well as DNA proteins and transcription factors. Pooled living or
sterile sample did not show a large difference in predicted functionality, with only a few genes for DNA replication, ribosomal
biogenesis, ANC transporters, and aminobenzoate degradation
predicted to be more abundant in living samples (Supplemental
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Fig. 4 Nonmetric multidimensional scaling (nMDS) using Bray-Curtis
dissimilarity calculations of Euclidean phylogenetic distance, across soil
samples inoculated with either living or sterile inoculum collected from
either organic and conventional farms and conditioned by either
Amaranthus retroflexus L. (redroot pigweed) or Avena fatua L. (wild

oat). Graph is colored by inoculum type: living = green, sterile = purple;
cropping system: organic = filled in, conventional = hollow; and shapes
designate farm locations. No significant clustering by weed species was
seen; therefore, samples are not colored by weed

Fig. 2). Av. fatua samples were predicted to have slightly more
abundant phenylalanine, tyrosine, and tryptophan biosynthetic
genes, as well as DNA replication and repair proteins and translation factors (Supplemental Fig. 3).

received living inoculums all clustered separately from
those that received sterilized soil. Interestingly, living inoculum samples did not cluster well with respect to farm
location or cropping systems; however, the sterile samples
did show separation between organic and conventionally
farmed soil. This would indicate that heat-tolerant or
endospore-forming bacteria survived the autoclaving process [52], for example Clostridium or Bacillus spp. [53]. In
the present study, Bacillus spp. were higher in soil which
received sterilized inoculum than living soil inoculum for
either cropping system, though not present in relatively
high abundance, and while Clostridium spp. were found,
they were equally low in abundance in all samples. Thus,
even after sterilization, surviving bacteria or nonliving biological differences in organically farmed soil were able to
influence bacterial diversity weeks later. For example,
though microorganisms would have been killed by the
autoclaving process, residual DNA [54, 55] may have been
available for use by colonizing soil bacteria to create a new
community in pots. This may explain the increase in
nitrogen-fixing species in pots that received sterile inoculum, as there would have been low microbial competition
and plenty of nutrients (ex. nucleic acids, metals) for nitrogen cycling [56, 57]. Additionally, pots would have been
exposed to and potentially colonized by bacteria in the
greenhouse air, water, and environment. However, all pots
would have been colonized equally as all received similar

Discussion
There is growing interest in manipulating farm management practices to enhance soil biological characteristics
in ways that positively impact agroecosystem health and
services [5, 50]. However, while progress has been made in
determining the role of soil biota in weed invasiveness
[51], little is known about the impacts of increased
cropping system diversification on soil biota effects and
crop-weed interactions.
Living Versus Sterilized Soil
Inoculum type (living or sterile) was the largest driving
factor determining the resulting soil microbial communities. In Johnson et al. [29], wheat biomass production was
enhanced in pots that were inoculated with living soils,
highlighting the importance of soil biota in determining
plant growth. This is consistent with a previous study on
reduced microbial diversity and functionality following a
biota-terminating chemical disturbance [8]. Samples that

Fig. 5 Nonmetric
multidimensional scaling
(nMDS) using Bray-Curtis
dissimilarity calculations of OTU
abundance, across soil samples
inoculated with living inoculum
collected from either organic and
conventional farms and
conditioned by either Amaranthus
retroflexus L. (redroot pigweed)
or Avena fatua L. (wild oat).
Vectors calculated by multiple
regression analysis using
PERMANOVA show the
direction and strength of
Pearson’s correlations by distance
to the equilibrium circle, vectors
closer to the circle radius are
considered important for that axis.
Correlations for axis 1/axis 2 are
as follows: farm, 0.216/−0.239;
cropping system, −0.05/−0.251;
and weed species, 0.104/0.097.
Graph is colored by cropping
system (a) or farm location (b)

treatments after receiving inoculum, and pot placement in
the greenhouse was randomized.
In the present study, the phylum Verrucomicrobia had
twice the relative abundance in soil that received sterile
inoculum than living inoculum, regardless of the farm location or cropping system. Previously, an abundance of
Verrucomicrobia was associated with preagricultural native tallgrass prairie in the Midwestern USA, which drove
carbon dynamics in the soil [58]. Verrucomicrobia is fairly
ubiquitous in soils and has been found in higher relative
abundance in grassland and prairie as compared to other
soil ecosystems across the globe [59]. Verrucomicrobia
have also previously been shown to contain the dnaE2
gene, which is commonly found in terrestrial bacteria and

thought to promote better fitness in soil environments, including an increase in GC content, increased horizontal
gene transfer, and genome size expansion as compared to
aquatic bacteria [60].
Likewise, nitrogen fixers had higher relative abundances in
samples from the organic sterile treatment as compared to
organic living one, and in conventional sterile as compared
to conventional living. Again, this was primarily due to
Arthrobacter spp. having greater relative abundance in organic sterile and conventional sterile soils, and Bacillus spp. being
twice as abundant in conventional sterilized soil than other
samples. It is possible that nitrogen-fixing bacteria were selected for by plants in potted soil that had received sterilized
soil [61], possibly to induce a regeneration of bacterial
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Fig. 6 Pearson’s correlations between wheat biomass, weed biomass, and the most abundant bacterial taxa. Only significant (P < 0.05) correlations are
shown

diversity, or simply because without competition from other bacteria, nitrogen fixers represented a larger proportion
of diversity in pots with sterilized soil. In the complementary study on plant response, living inoculum soil did contain more nitrogen than sterilized soil before the weed conditioning phase, and after the weed conditioning, pots that
had received a living inoculum had 1.73 times more nitrogen than pots with the sterile inoculum [29]. This confirms
a reduced microbial functionality in sterilized soil in the
present study.

In other previous studies, different management practices between cropping systems were selected for different microbial
communities [2, 13, 14, 18–20]; thus, it is also likely that
18 weeks under greenhouse settings was enough for recolonization of sterilized soil and to select for certain microbial species.
Cropping System
Previous studies indicated that organic soil enriched for the
bacteria Cytophaga, Pontibacter, Flavisolibacter (phylum

Bacteroidetes), Bacillus, Ureibacillus, and Paenibacillus
(phylum Firmicutes), while conventional soil enriched for
the phyla Proteobacteria and Acidobacteria (mainly
candidatus Solibacter) [3]. In the present study, organically
farmed living inoculum resulted in higher microbial diversity,
although not in any of those genera. In the complementary
study, soil biota effects were more pronouncedly positive
when the living inoculum was collected from organic farms
than from conventional farms, possibly due to the increased
organic matter present [29]. Previous research suggests that
cropping systems modify the relative abundance of mutualistic and pathogenic organisms [62]. One caveat of this study is
that only bacterial DNA was sequenced and positive feedbacks on plants are often influenced by microbial mutualists
like arbuscular mycorrhizal and ectomycorrhizal fungi, in addition to symbiotic nitrogen fixers [63, 64]. Furthermore, one
recent study suggests that plant extracellular DNA in soil is
responsible for negative feedbacks [65], indicating that continuous monocultures may have an autotoxicity effect from
the same plant litter (reviewed in [66]).
Soils that received an organic inoculum showed increased
predicted functionality, though the factor of increase was not
large. This may be due to the similar taxonomic classification
of samples at the family level, which is used by PiCRUST to
predict the presence and density of various genes based on the
sequenced genomes of related ecosystems. Functional diversity is not interpreted at the genus level, and it may be that a
study of transcriptomics in these samples would illuminate a
clear and significant difference in actual functionality between
different treatments. Interestingly, samples treated with organic inoculums had more functional genes for degrading benzoate (aromatic carboxylic acid), limonene (a hydrocarbon cyclic terpene), and pinene (a monoterpene) than samples which
received soil from a conventional farm. This suggests that
these samples from organic farms indeed exhibit a greater
resiliency for chemical disturbance, which is likely a function
of increased bacterial diversity. In the complementary study
on plant response, cropping system had no effect on soil nitrogen content from bulk field soil, although organic matter
was higher in organic fields [29].
Farm Location and Weed Species
Geographic location, a proxy for regional differences in soil microbial communities associated with soil physicochemical and/
or site environmental conditions (i.e., soil geochemistry, pH,
temperature, moisture), separated the Dutton organic and conventional farms from the farms sampled at the other three locations. However, when Dutton farm comparisons were removed,
multivariate comparisons were not significantly changed (data
not shown) indicating a low relative importance of geographic
location in determining microbial communities characteristics in
the current study. Thus, it is likely that farm management

practices, regardless of the type of cropping systems used, were
strong selective forces, which has previously been shown [67].
There were some location-specific trends. For example,
Big Sandy organic and conventional farms had much larger
percentages of Firmicutes for soil that had been given a sterilized inoculum and grown Av. fatua. Previously, Av. fatua was
shown to increase Firmicutes over bulk soil [21, 68], especially
at the root tip [21], where it may be promoting fungal mycorrhizal formation (reviewed in [69]). Am. retroflexus is another
common weed which prevents germination and yield of many
agricultural crops [70], and while not poisonous, its ability to
concentrate nitrates can render it toxic to livestock. Am.
retroflexus is known to produce large amounts of oxalate. In
the present study, Cyanobacteria were more abundant in soil
growing Am. retroflexus for three out of four organic farms.
Cyanobacteria produce and use oxalate in glyoxylate reactions
which ends in carbon dioxide production [71]; thus, it is possible that Cyanobacteria were being selected for. In addition,
the free-living nitrogen-fixing Nostoc spp. were more than
three times more abundant in Am. retroflexus than in Av. fatua
samples, though it is unclear whether Nostoc spp. have previously been shown to use oxalate as a carbon source. However,
Am. retroflexus is also high in iron, which is required by Nostoc
spp. to prevent iron starvation-induced oxidative stress [72].
Other free-living (Arthrobacter, Bacillus, Beijerinckia,
Bradyrhizobium, Azospirillium, Clostridium,
Corynebacterium, Flavobacterium, Nostoc, and
Pseudomonas spp.) and symbiotic (Rhizobacter, Rhizobium,
and Rhizomicrobium spp.) nitrogen-fixing species represented
up to 19.3 % of sequences in a sample at the genus level.
Specifically, pots that had been given sterilized soil had a
higher abundance of Arthrobacter spp., regardless of cropping
system. Pots cultivated with Av. fatua had more nitrogen fixers
than those cultivated with Am. retroflexus, regardless of receiving a living or sterile inoculum. This was largely attributable to Arthrobacter spp. (phylum Actinobacteria), which
were twice as abundant in Av. fatua samples. In the complementary study on plant response, pots with living inoculum
and Am. retroflexus had 1.58 times more nitrogen content that
those conditioned with Av. fatua, though there was no difference in the sterile samples [29]. Thus, conditioning with Av.
fatua consistently selected for nitrogen-fixing species diversity, even though it did not appear to be improving nitrogenfixing functionality in the soil. This may indicate that more
soil nitrogen was being taken up by Av. fatua.
Actinobacteria were previously enriched in rhizosphereassociated soil along Av. fatua root systems, particularly at
root tips [21], and especially in the order Actinomycetales,
are known for producing antimicrobial and insecticidal compounds. Av. fatua are known to release several phenolic exudates from roots into the soil, including syringic acid, vanillin,
4-hydroxybenzoic acid, syringaldehyde, ferulic acid, pcoumaric acid, and vanillic acid [73, 74]. It is thought that

these phenolic compounds act as signaling agents between
plants and soil bacteria [75], and nitrogen-fixing bacteria, including Arthrobacter, have been shown to use these and other
phenolic compounds during intermediate electron transfers
under low-oxygen conditions [76, 77]. In the present study,
soil gas was not measured.
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