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ABSTRACT 

Hydrogels are soft, water-based gels with widespread applications in medicine, tissue 

engineering, and biotechnology. Many of these applications require structuring hydrogels in three-

dimensional space. Light-based 3D printers offer exquisite spatial control; however, technologies 

for light-based 3D-printing of hydrogels remain limited. This is mainly caused by poor material 

transportation through the hydrogel. For example, limited transport of oxygen and other nutrients 

through 3D printed tissue constructs containing living cells leads to low cell viability. Here, we 

describe three experimental research studies focused on improving material transport in 3D-printed 

hydrogels. In the first part of this thesis, we describe a generalizable method for light-based 3D 

printing of hydrogels containing open, well-defined, submillimeter-scale channels with any 

orientation. These submillimeter channels allow for bulk liquid flow through the hydrogel to 

improve nutrient and oxygen transport. In the second part of this thesis, we describe a simple, 

reversible, plug-based connector designed to couple tubing to a hydrogel-based fluidic device to 

allow for pressurized liquid flow through the system. The resulting connection can withstand liquid 

pressures significantly greater than traditional, connector-free approaches, enabling long-term 

flow through 3D-printed hydrogels. In the third part of this thesis, we characterize the printability 

of photopolymerizable resins containing particles that slowly dissolve to release oxygen and 

thereby improve cell viability. The light-based 3D bioprinting technologies we describe in this 

thesis will improve material transport through 3D printed hydrogels and enable a wide variety of 

applications in 3D bioprinting and hydrogel fluidics.



1 

 

CHAPTER ONE 

INTRODUCTION 

Significance 

Hydrogels are water-based gels that are commonly used in medical and biotechnology 

applications. Many applications require entrapping cells into hydrogels and placing them in 3D 

space. For example, different cell types can be spatially organized inside a hydrogel to investigate 

cell-to-cell interactions. 3D printers are perfect tools for creating hydrogels with a spatial 

resolution of up to a few microns. Especially, light-based 3D printers are superior compared to the 

traditional extrusion-based 3D printers in terms of high spatial resolution. Despite their value, 3D-

printed hydrogels limited with transport of oxygen and nutrients to cells. In cell entrapped 

hydrogels, a solute is consumed during the nutrient transport. Lack of methods to improve the 

transport in thick 3D-printed hydrogels results in inherent low cell viability and limits the 

applications in the 3D bioprinting field. This thesis describes distinct experimental research studies 

focusing on improving material transport in 3D printed hydrogels. First, to lay the groundwork of 

3D bioprinting, this chapter explains a few key concepts about 3D bioprinting, hydrogels, and their 

applications. 

Because of the late emergence of 3D printing, most cell bioprinting applications have been 

done using 2D patterning methods for the last few decades, which later helped to shape the 3D 

bioprinting methods and applications. 
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2D Bioprinting 

 For a few decades, scientists have been developing model systems for controlling bacteria 

structure, including patterning bacteria to surfaces using an inkjet printer and soft lithography of 

bacteria with stamps1-5. Although these methods are found to be useful in many studies, 2D 

patterning approaches do not reflect the complexity of the natural 3D biofilm structures. 

Microcontact Printing  

 Microcontact printing (μCP) is a 2D soft lithographic patterning technique based on 

transferring cell containing bioink from PDMS-like elastomeric stamp to a surface by contact in 

sub-micrometer resolution1, 6. Researchers have used μCP to investigate microbial interactions of 

bacteria1 and minimum inhibitory concentration (MIC) of various antibiotics7. 2D microorganism 

patterning methods are rapid, reproducible, and convenient for cell patterning applications1. They 

have contributed to antimicrobial assays8, microbial genetics8, population dynamics9, ecosystem 

evolution9, bacterial growth patterns1, microbial interactions1, 7, investigating bacterial phenotypic 

variability9, population dynamics9, ecosystem evolution9, and microbial biosensors10. Resolution 

of µCP is limited by the wavelength of light used during manufacturing of the stamp allowing for 

feature sizes down to nanometer length scales11, 12. However, μCP method is limited with bioink 

choices8. Also, it is unable to create 3D structures which is biologically more relevant than 2D 

structures.  

Inkjet Printing  

 Inkjet printing is a commonly used, highly efficient and low-cost bioprinting method13. 

This method utilizes the controlled deposition of picoliter volume (V = 10-12 L) droplets through 
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an actuated nozzle14.  Both two-dimensional (2D) and three-dimensional (3D) formations can be 

created with resolutions of 5 to 100 µm15. Early versions of inkjet printers that used in bioprinting 

applications utilized modified version of desktop printer16.  

 Inkjet printing methods can be purposed for either as continuous inkjet or drop-on-demand 

(DOD) based inkjet via adaptation of thermal, piezoelectric or electromagnetic actuators to form 

the droplets13.  Drop-on-demand printing methods are the most widely utilized methods, offering 

a highly efficient and accurate method of printing17. Continuous inkjet printing is uncommon for 

bioprinting applications due to lack of control in printing process18. Although the inkjet-printers 

are convenient in terms of cost and ease of use, they have problematic features such as their 

propensity to clog, inability to print viscous materials, fast drying times of printed droplets, and 

challenges with printing bacterial densities that are high enough for biological relevance13, 18. 

 Thanks to the recent advancements and significant cost decreases, 3D printers have begun 

to facilitate cutting-edge artificial 3D biofilm research by creating adaptive and functional 3D 

geometries with cell structures. 

3D Printing 

 3D printing is an additive manufacturing (AM) technique that developed for fabricating 

3D structures by using digitally generated models, such as computer-aided design (CAD)19, 20. The 

process of 3D printing consists of depositing thin layers of material on top of each other. This 

technique was first developed by Charles Hull in 1986 using a technique called stereolithography 

(SLA)21. In SLA-based 3D printing, focused laser light is used to harden the photosensitive liquid-

resin layer-by-layer, resulting in a three-dimensional solid object22. Additional to the SLA, a 
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variety of other 3D printing methods have been developed, including fused deposition modeling 

(FDM)23, 24, digital light processing (DLP)25, 26, inkjet printing27, 28, and powder bed fusion29, 30. 

 Although the discovery of 3D printing offered various potential applications, it only 

recently became to be used as a widespread method. The recent emergence of 3D printing has been 

largely driven by the expiration of critical patents31, 32, which has given manufacturers greater 

freedom to develop new, cost-effective 3D printing devices, and enabled 3D printing for a variety 

of fields33, 34. These improvements led 3D printing to be used for fabrication of construction 

components28, art35, jewelry35, on-demand spare parts for automotive and aerospace industries36, 

structuring cells for medicine37 and biotechnology applications38, 39. Especially, structuring cells 

in 3D space, which is also called 3D bioprinting, is revolutionary for fabricating well-defined 3D 

cell structures. This is due to its ability to create mammalian cell and biofilm structures in a rapid, 

high-resolution, and inexpensive manner for various biotechnology and medical applications. 

Different 3D bioprinting methods will result in a different cell viability, spatial resolution and 

nutrient transport properties. 

 With regard to 3D bioprinting, FDM is the most common method due to its low cost and 

ease of use40, 41. FDM builds objects by extruding a melted thermoplastic or viscoelastic polymer 

layer-by-layer in a well-defined path41. One of the main advantages of extrusion-based bioprinting 

for cell-printing applications is the ability to print at very high cell densities42, 43. Extrusion-based 

3D bioprinters are also low-cost, scalable, and relatively fast for creating mammalian tissue and 

bacterial constructs13, 44. Despite these advantages, extrusion-based 3D printing generally yields 

lower spatial resolution than other printing techniques (>100 µm)13, 45, which is limited by nozzle 

size.  Smaller nozzles allow for better printing resolution; however, this also increases the shear 
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stress induced on the ink during printing and the high pressures required to extrude bioinks can 

also create adverse effects on cells46.  

 Photopolymerization-based bioprinting techniques use light of a defined wavelength to 

crosslink a photosensitive liquid. This is most commonly done with a precise laser beam 

(stereolithography, SLA) or a digital light projector (digital light processing, DLP)22. During 

printing, the crosslinked structure adheres to the build stage, which moves in the z-direction to 

allow each layer to be formed. Compared to other 3D printing methods, photopolymerization-

based printing provides the greatest spatial resolution45. Commercial SLA and DLP printers can 

achieve print resolutions on the order of 25 µm, but custom-built printers can achieve spatial 

resolutions approaching 1 µm47. Despite providing better spatial resolution, the 

photopolymerization-based printing also causes cell photodamage. However, this effect can be 

mitigated using a low energy light source in the visible spectrum (e.g., λ = 405 nm)48, 49. In general, 

SLA and DLP printing methods are superior to FDM in achieving high spatial resolution and 

maintaining high cell viabilities13. In the following chapters of this thesis, we focus on SLA-based 

printing to create hydrogels with various geometries. 

Hydrogels 

 Hydrogels are soft and stable water-based polymer gels with widespread applications in 

medicine and bioengineering50-52. Hydrogels can hold large amounts of water or biological fluids53, 

54. The hydrogel's ability to hold large quantities of water emerges from hydrophilic molecules 

attached to the polymer backbone and the porous hydrogel structure50, 55. Their mechanical 

stability arises from the crosslinks between the monomers50, 56. Hydrogels are a popular research 

tool for studies that involving mammalian57-59 and microbial cells44, 60-63. This is due to their highly 
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biocompatible and tunable structures64, 65. It is possible to design and synthesize polymers with 

controlled swelling50, biodegradation50, mechanical properties50, mesh size66, and diffusion rate66. 

 Hydrogels are used in various applications, including wound dressing67, contact lenses68, 

drug delivery69, agriculture70, and cell scaffolds71. Many applications require structuring cells in 

hydrogel's 3D structure57, 72-75.Thus, 3D printing offers an ability to create hydrogels with any 

geometry with spatially structured cells. Given that most potential applications require different 

physical and chemical properties, it is crucial to choose the polymer suitable for the desired 

application. Polymers can be investigated in two main categories: synthetic76 and natural 

polymers77. Synthetic polymers are derived from petroleum oil78. These polymers are engineered 

in the lab and are known to have better mechanical properties than natural polymers78. Synthetic 

polymers can also be designed with tunable chemical structures and controllable degradation 

rates78. Most well-known 3D printable synthetic polymers include, polylactic acid (PLA), poly 

lactic-co-glycolic acid (PLGA), polycaprolactone (PCL), polyurethane (PU) and poly (ethylene 

glycol) diacrylate (PEG-DA). On the other hand, natural polymers consist of many bioactive 

groups that can provide an attachment zone for implanted cells77, which can help cells to grow, 

migrate, proliferate, and differentiate77. Examples for 3D printable natural polymers include 

alginate, gelatin, collagen, and chitosan. 

Transport in Hydrogels 

 Diffusion is the primary transport mechanism in the hydrogel79. This is especially true for 

transport in the dense cell clusters due to suppressed advection80. In biological systems, a solute is 

consumed by the organisms which ultimately affects the transport of that compound. It is found 

that oxygen can diffuse through the cell clusters to a limited distance of approximately 200 μm, 
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limiting the transport of oxygen and reducing the cell viability at the gel's hypoxic zones81. Limited 

transport in hydrogel restrict the advancements in 3D bioprinting for both mammalian tissue and 

microbial biofilm applications. 

 One potential solution to enhance the transport is incorporating vasculature-like channels 

to the hydrogel49, 82-84. This is often done by formulating 3D printer resin with the incorporation of  

UV-blocking dye49, 85. Another potential method is adding oxygen-releasing materials to the 3D 

printer resin and crosslinking oxygen-releasing materials within the hydrogel86, 87. We investigate 

both of these methods in this thesis.  

3D Bioprinting 

 3D bioprinting is a rapid fabrication technique that provides exquisite control over the 

structure and composition of living materials88. Bioprinting has been used extensively to structure 

mammalian cells and tissues, yet bioprinting of microorganisms and microbial biofilms is much 

less developed34, 88, 89. In a typical application, cells are suspended in a biocompatible hydrogel 

resin that is then printed layer-by-layer and solidified by chemical reaction or 

photopolymerization. With this approach, mammalian tissues, including ear90, skin91, blood 

vessel92, heart93, lung85, and various stem cell lines94, are 3D printed with complex and highly 

vascularized geometries and finely-tuned chemical, mechanical and biodegradable properties have 

been created. By contrast, bioprinting of microorganisms and microbial biofilms is a growing but 

vastly underdeveloped field. 3D printing microorganisms have been used to produce biomedically 

relevant compounds such as bacterial cellulose75, investigate quorum sensing mediated 

communication between bacterial aggregates61, and study bacterial biofilms' antimicrobial 

resistance62. 
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3D Printed Tissue Cells 

 3D bioprinting offers automated fabrication of complex living tissue constructs and organ 

models34. 3D printed tissue models present a potential to be used as drug testing and toxicology 

studies95. For many years, animal models were the top candidates for these studies.  However, in 

recent years animal tissue cells were found as unpredictable and not an accurate representation of 

human tissue cells96. Besides, there are ethical concerns for using animal subjects in drug testing96. 

Therefore, 3D bioprinted human cell lines can be an excellent candidate for drug testing and 

toxicology studies.  

 3D printed tissue models often do not have a vasculature architecture that is similar to the 

native tissue97, 98. This causes a significant difference in the transport properties between native 

tissue and its 3D bioprinted counterpart98. As the ultimate purpose of tissue engineering for 

fabricating fully functional organs still remains, methods for mimicking the native tissue in every 

aspect, especially for transport properties is still lacking97. 

 Tissue engineering has been rapidly utilizing 3D bioprinting technologies over the last two 

decades. Advancements in printing methods have resulted in better resolution and control over the 

spatial arrangement of implanted cells and supporting materials. The printing of microbial species, 

which has seen far less research, presents a similar set of challenges as tissue engineering. The 

tools and understanding that have been developed for tissue engineering will guide the approaches 

for printing with microbial biofilms. 3D printed biofilms have potential to enable various 

applications including responsive materials, model biofilms, biomedical sciences, environmental 

detoxification, and fundamental research74. 
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3D Printed Biofilms 

 Biofilms are communities of microbial cells that colonize and adhere to surfaces99. These 

communities are formed by microorganisms in all three domains of life, including bacteria, fungi, 

and archaea100. Biofilms are estimated to be the most abundant form of microbial life on Earth, 

and critical for global food chains and nutrient cycling. Although biofilms are increasingly used in 

biotechnological applications101, they can also be problematic. A wide variety of industrial and 

medical problems can be linked to the biofilms such as biofouling, corrosion, and infection102, 103. 

Yet, despite their ubiquity, knowledge of how the behavior of individual microorganisms within a 

biofilm gives rise to biofilm function remains limited104. Understanding structure-function 

relationships of microorganisms requires the ability to control and manipulate the structure and 

composition of the community; however, biofilms that self-assemble naturally are challenging to 

manipulate experimentally105. To understand these complex biological systems, 3D bioprinting 

present an excellent method for controlling and manipulating biofilm structure and composition44, 

62, 105, 106.  

 Current tissue-engineering bioprinting strategies heavily influence the methodology for 3D 

printing of microorganisms. Recent studies on 3D bioprinting focuses on to optimize the 

bioprinting process for bacterial constructs. Lehner et al. (2017) 3D printed the artificial biofilm 

constructs and demonstrated a simple approach for patterning microbial systems with a 3D 

printer44. They have adapted the alginate chemistry and printing conditions to maximize bacterial 

health and spatial resolution. Later, Schmieden et al. (2018) investigated curli fiber formations of 

3D printed genetically modified E. coli cells107. They have developed a method to dissolve the 3D 

printed alginate scaffold upon 3D printing, leaving the naked 3D printed artificial biofilm attached 

to a surface. Microorganisms and tissue cells have distinct physiological and phenotypical 
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differences108, 109. While the bioprinting field continues to grow, there will be more research 

towards improving strategies for the 3D bioprinting of microorganisms.  

 Compared to the 3D bioprinting of mammalian cells, 3D printed biofilms are new and 

emerging field. In the next 10 years, we expect 3D printed biofilms to be more commonplace and 

used in various applications in both research and industry. Here we list, to our knowledge, all the 

current applications of 3D printed biofilms: 

Microbial Communication systems: Quorum sensing mechanisms for bacterial aggregates 

might be sensitive to few micrometers of spatial changes of the cells; thus, precise 3D positioning 

that 3D printers provide enables microbial interaction research61. Connell et al. (2013) 

demonstrated a relationship between the 3D spatial orientation of bacterial colonies and quorum 

sensing signaling that could be studied with 3D bioprinting63. They explained that, based on the 

3D spatial relationship, a shell composed of Pseudomonas aeruginosa provides β-lactam antibiotic 

resistance to Staphylococcus aureus. In another work, Connell et al. (2014) investigated the effects 

of spatial structure on quorum sensing stimulation of Pseudomonas aeruginosa61. They have 

shown that quorum sensing responsive cell aggregates larger than 2,000 bacteria need to be at least 

eight μm distance to the source of the signaling molecule, and aggregates with as low as 500 

bacteria can produce quorum-sensing molecules. 

Model biofilm systems: 3D printed biofilms present the potential to create artificial model 

biofilms for fundamental research studies. Ning et al. (2019), investigated antimicrobial drug 

testing with 3D printed thick biofilm structures (>4 mm) from Escherichia coli, Staphylococcus 

aureus, and Pseudomonas aeruginosa62. These 3D printed constructs were grown for 28 d in 

culture and shown a complete five-step biofilm lifecycle.  
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Functional materials: Schaffner et al. (2017) focused on generating 3D printed functional 

materials to degrade pollutants and produce bacterial cellulose using their novel bioink called 

"Flink"75. Bacterial cellulose is a medically relevant compound used to manufacture surface-

patterned implants, ear transplants, and blood vessels. In another research, Joshi et al. (2018) 

achieved photosynthetic bioelectricity from a bionic mushroom using 3D-printed cyanobacteria60. 

Here, 3D spatial control of the organisms allowed densely packed cyanobacteria and functional 

abiotic nanomaterials to form a bionic symbiosis.  

Other applications: Another new and emerging application is the 3D printing of nutrient 

personalized food products. Zhang et al. (2018) investigated probiotic bacteria's survival in 3D 

printed dough structure upon baking110. Overall, microorganism-based 3D printed materials hold 

promise to be used for environmental detoxification, biomedical sciences, novel biomaterials, 

responsive materials, materials processing, fundamental research, and model biofilms74. Even 

though exciting applications are emerging, we believe biofilm printing needs to diverge from tissue 

engineering in print methodology, biomaterials, and required transport conditions.  
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Summary 

 Bioprinting is a revolutionary technology that enables to structure of both tissue and 

microbial cells inside a hydrogel within a few micrometers of spatial resolutions. However, cell-

embedded hydrogels are limited with the transport properties, limiting the advancements in the 

field. In this thesis, we investigate various strategies to enhance the transport properties of 3D-

printed hydrogels. In Chapter 2, a generalizable formulation method for creating high-resolution, 

submillimeter-scale channels using light-based 3D printing is developed. In Chapter 3, a simple, 

reversible, plug-based connector is designed to couple microfluidic tubing to a hydrogel-based 

fluidic device to allow for pressurized liquid flow through the system. In Chapter 4, formulation 

methods for light-based 3D printing of oxygen-generating particles are developed.  

 In Chapter 2, we developed formulation steps for 3D printing with open channels. This 

creates a framework for creating highly complex vasculature channels in 3D printed hydrogels. 

3D printed channels represented here could improve nutrient and oxygen transport through 

hydrogel by shortening the length for molecules that needs to diffuse to reach the cell. In Chapter 

3, we designed, and 3D printed flow pressure resisting pop-it connectors. This provide reliable, 

leak-free flow inside a hydrogel channel. These connectors can be used to establish long-term 

nutrient flow through a 3D printed hydrogel device containing cells. In Chapter 4, we characterized 

formulation steps for 3D printing with resins containing oxygen-releasing particles. We found that 

oxygen-releasing particles scatter light and cause polymer degradation, attenuating 

photopolymerization rate of hydrogel. This attenuation can be quantified and optimized to achieve 

an accurate and predictable curing profile. It was also shown that incorporation of oxygen releasing 

particles to hydrogel resin can increase cell viability and cell growth inside a crosslinked hydrogel.   
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Abstract 

Hydrogels are soft, water-based gels with widespread applications in personal care 

products, medicine and biomedical engineering. Many applications require structuring the 

hydrogel into complex three-dimensional (3D) shapes. For these applications, light-based 3D 

printing methods offer exquisite control over material structure. However, the use of these methods 

for structuring hydrogels is underdeveloped. In particular, the ability to print hydrogel objects 

containing internal voids and channels is limited by the lack of well-characterized formulations 

that strongly attenuate light and the lack of a theoretical framework for predicting and mitigating 

channel occlusion. Here we present a combined experimental and theoretical approach for creating 

well-defined channels with any orientation in hydrogels using light-based 3D printing. This is 

achieved by the incorporation of photoblocker and the optimization of print conditions to ensure 

layer-layer adhesion while minimizing channel occlusion. To demonstrate the value of this 

approach we print hydrogels containing individual spiral channels with centimeter-scale length 

and submillimeter-scale cross-section. While the channels presented here are relatively simple, 

this same approach could be used to achieve more complex channel designs mimicking, for 

example, the complex vasculature of living organisms. The low cytotoxicity of the gel makes the 

formulation a promising candidate for biological applications. 
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Introduction 

Hydrogels are water-based gels comprised of polymer dissolved in water and crosslinked 

to form a solid1-3. Typically, hydrogels contain a low mass fraction of polymer; thus, they are soft 

and easily deformed. In addition, many hydrogels are compatible with biological systems4 and 

have widespread applications in personal care products5, medicine6-9, and bioengineering10, 11. For 

many applications, the ability to form soft hydrogel into complex, three-dimensional structures is 

critical. For example, when hydrogel is used as a tissue scaffold12 internal channels with high 

permeability to liquid flow must be incorporated to mimic tissue vasculature and maintain cell 

viability13-16. Likewise, in microfabrication, the ability to control hydrogel structure with high 

fidelity is important17-19. Applications such as these require methods and technologies for 

accurately and precisely building hydrogel objects with complex, sub-millimeter-scale structures. 

Three-dimensional (3D) printing technologies provide exquisite control over material structure20. 

For example, in fused deposition modeling (FDM) printing, a three-dimensional object is built 

layer-by-layer by extruding thermoplastic from a nozzle, which is translated in the xy-plane. 

Modified versions of these extrusion-based printers have been used to print hydrogels21, 22 but are 

limited by their resolution and speed. By contrast, light-based 3D printing methods can be used to 

form objects much faster and with finer spatial resolution than FDM printers23, 24. These printers 

rely on photopolymerization to initiate the polymerization of a liquid into a solid. This is achieved 

by projecting a 2D pattern of light (digital light processing (DLP))25, 26 or by raster-scanning a 

beam of laser light (stereolithography (SLA))23, 27 into a photocrosslinkable liquid. Yet, despite 

their tremendous potential, formulations and techniques for printing hydrogels using light-based 

printers remain limited. 
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A primary issue limiting light-based 3D printing of hydrogels is the lack of a generalized 

approach to create objects with high resolution internal channels and voids in any desired 

orientation while minimizing channel occlusion (e.g. “bleedthrough”). This requires proper 

attenuation of the light27, 28 and a quantitative understanding of the relationship between 

formulation composition and light exposure conditions. Hydrogel structures containing 

submillimeter-scale voids that are constrained with axes oriented parallel or perpendicular to the 

light path (z-axis) have been reported29, 30, and printed hydrogels containing submillimeter-scale 

channels with no orientation restrictions have recently been reported28; however, a generalizable 

approach for optimizing critical parameters such as layer resolution and light attenuation while 

mitigating channel occlusion is lacking. This is needed to optimize new photocrosslinkable liquid 

formulations (i.e. “resins”) for hydrogel printing and provide a framework for understanding the 

experimental limits of channel resolution. Complex internal channels are essential for a variety of 

bioengineering applications, but, without a clear optimization approach, the full potential of light-

based printers cannot be met.  

Here we present a generalizable method for light-based 3D printing of hydrogels 

containing well-defined, submillimeter-scale channels with any orientation. To characterize a new 

formulation, we begin by systematically measuring the single-layer cure depth as a function of 

light exposure and photoblocker concentration. Next, we determine the print conditions needed to 

adhere one layer to another by systematically varying single-layer cure depth and instrument-

imposed layer thickness. Finally, we measure channel bleedthrough as a function of layer 

thickness, use this data to test bleedthrough models, and find that the effect of cumulative exposure 

contributes significantly to channel bleedthrough. To demonstrate the practicality of our approach, 
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we print hydrogels containing spiral channels with centimeter-scale length and submillimeter-scale 

cross-section and establish liquid flow through these channels. 

 
Figure 2.1. Light-based stereolithographic 3D printing. (A) Illustration of a stereolithography 

(SLA)-based 3D printer used to print hydrogel. An object is printed layer-by-layer by 

polymerization of a liquid resin (green) to a solid upon exposure to laser light (violet). Layer 

thickness, ℓz is set by the gap between the underside of the object and the bottom surface of the 

resin tray. (B) A single layer in the xy plane is formed by raster-scanning a focused laser light spot 

(circle) within the plane. (C) Light is attenuated by the liquid resin, and light exposure, E(z) 

decreases with depth, z. At a critical exposure value, Ec, the light is insufficient to induce 

polymerization and this defines the cure depth, 𝑪𝐝 beyond which resin remains liquid.  

Background 

In stereolithography (SLA)-based 3D printing, a solid object is built layer-by-layer from a 

liquid resin using a focused laser spot. Photopolymerization occurs at the laser focal point, which 

is raster-scanned within the xy-plane of the resin bath to create a single layer which adheres to the 

print head (Fig. 2.1a, b). The print head is then moved upwards in the z-direction and the next 

layer is printed onto the previous layer. Polymerization typically occurs through free-radical 

transfer: a photoinitiator absorbs laser light to form a reactive species and initiates a reaction 

cascade by which low molecular weight monomers react to form high molecular weight polymers 

and eventually a crosslinked solid. The polymerization process terminates through free radical 
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combination or when free radicals become topologically constrained27; thus, the reaction does not 

propagate through the entire bath after polymerization is initiated by the laser light.  

As each successive layer is added to a printed object, the laser light needed to polymerize 

a new layer passes into previously printed layers (Fig. 2.1a). This condition is necessary for the 

adhesion of one layer to the next but can be problematic if the printed object is meant to contain 

voids or overhangs and bleedthrough occurs in these regions. Light is attenuated as it propagates 

into the resin, so the intensity decreases with penetration depth, z. At some depth, the light becomes 

insufficient to induce polymerization; this is referred to as the cure depth, 𝐶𝑑, beyond which the 

resin remains liquid (Fig. 2.1c). For an object composed of multiple layers, the balance between 

necessary overlap and undesired curing can be determined by comparing two lengths: the layer 

thickness, ℓz, which is set by the incremental, vertical movement of the print head, and the cure 

depth, 𝐶𝑑, which is set by the composition of the resin. Thus, when formulating a new resin, 

knowledge of 𝐶𝑑 is critical. 

A variety of photopolymerizable hydrogel formulations for use with 3D printing have been 

reported, including polyethylene glycol-diacrylate (PEG-DA) gels20, 31, polyethylene glycol-

diacrylamide (PEG-DAAm) gels32, and Pluronic monocarboxylate-gelatin methacrylate (Plu-

GelMA) composite gels33, 34; however, knowledge of how formulation variables affect printing 

parameters such as 𝐶𝑑 is lacking. As a result, it is difficult to quantify and compare advances in 

the spatial resolution of light-based hydrogel printing. Additionally, most studies focus on digital 

light projection (DLP) systems or SLA printers which use ultraviolet light, and, to our knowledge, 

no studies involving SLA printers that make use of violet ( = 405 nm) light have been reported. 

This may be important if living cells are incorporated into the liquid resin and exposed to laser 
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light during the printing process as violet light is lower in energy than ultraviolet light, is not 

strongly absorbed by DNA35, and has shown to be less cytotoxic for a variety of mammalian cells36-

39. 

In this context, we focus on characterizing a photopolymerizable hydrogel resin 

formulation for use with violet laser light that can be used to generate hydrogels with high-

resolution internal channels using components that are generally accepted as non-cytotoxic. Two 

primary components of any photopolymerizable formulation are a reactive monomer and a 

photoinitiator. For the hydrogel monomer, we choose PEG-DA to create PEG-based hydrogels, 

which are considered a benchmark for non-cytotoxic hydrogels4, 40. Mammalian cells do not adhere 

to PEG gels, so, for applications incorporating living cells, the gel would need to be 

functionalized20, 31, 32; however, for the purposes of this study, we use non-functionalized PEG. For 

the photoinitiator, we choose lithium phenyl-2,4,6-trimethylbenzoylphospinate (LAP)41, 42. LAP is 

freely soluble in water, has been shown to be biologically inert41, and absorbs light in the UV and 

low visible range with high efficiency. This formulation pair is well-established for a variety of 

non-3D printing hydrogel applications; however, when printing is attempted using a light-based 

3D-printer (Formlabs, Form 1+), the polymerized gel layers are very thick. Thus, a third 

formulation component, one that strongly attenuates the laser light, is required: a photoblocker. 

This component is critical for achieving high-resolution printing with any light-based 3D printer 

(e.g. SLA or DLP). Several photoblockers including Quinolone Yellow28 and Sudan I43 have been 

reported for use in photopolymerizable hydrogel applications. Here we explore the use of 

chlorophyllin and tartrazine. Chlorophyllin is a hydrolyzed version of chlorophyll that is soluble 

in water and strongly absorbs blue-violet light (Supplemental Information, SI Fig.1)44. Tartrazine 
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is yellow azo dye commonly found in food coloring, with strong absorbance at 405 nm45. To our 

knowledge, this is the first reported use of both these compounds as photoblockers for 

photopolymerization applications. 

Results & Discussion 

For the hydrogel formulations used here, light attenuation is dominated by the 

photoblocker. In the absence of photoblocker, the aqueous PEG-DA/LAP print formulation 

provides a cure depth on the order of centimeters (Fig. 2.2a; 𝐶𝑑  1.85 cm) for moderate exposures 

on a commercially available 3D SLA printer (see Methods). By comparison, under identical print 

conditions, the addition of chlorophyllin at a concentration of only 0.01 wt% results in a striking 

reduction in cure depth (Fig. 2.2b; 𝐶𝑑  0.50 mm). To quantify the capacity of chlorophyllin as a 

photoblocker, we systematically measure 𝐶𝑑 as a function of light exposure and chlorophyllin 

concentration. We do this experimentally by removing the print head, printing a single layer, which 

adheres to the bottom surface of the resin tray, and measuring the thickness of that layer with 

optical coherence tomography (see Methods and SI Fig. 2). Light exposure is defined as the total 

integrated energy of laser light that passes through a given area. For an SLA printer, exposure is 

proportional to laser power and inversely proportional to the velocity at which the laser is scanned 

(see Methods). The exposure profile in 𝑧 is expected to fall off exponentially as 𝐸(𝑧) =

𝐸0exp (−𝑧 𝐷𝑝⁄ ), where 𝐸0 is the exposure at the bottom of the resin tray just as the laser light 

enters the resin (𝑧 = 0), and the penetration depth, 𝐷𝑝 is the length scale that characterizes the 

exponential decay. Setting 𝑧 = 𝐶𝑑, defining 𝐸 at this depth as the critical exposure, 𝐸𝑐 below which 

a gel does not form, and solving for 𝐶𝑑 provides the following: 𝐶𝑑 = 𝐷𝑝ln (𝐸0 𝐸𝑐⁄ ), as shown 
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elsewhere 27, 41, 46. Thus, plotting 𝐶𝑑 as a function of 𝐸0 on a linear-log scale should provide a 

straight line with a slope of 𝐷𝑝 and an x-intercept corresponding to 𝐸𝑐, as has been shown  

  

Figure 2.2. Chlorophyllin as a photoblocker. Photographs of PEG-DA hydrogel single layers 

printed (A) without photoblocker and (B) with 0.01 wt% chlorophyllin photoblocker using an 

SLA 3D printer with the same exposure conditions. Thickness of the gel represents the cure depth, 

𝐶𝑑. (C) Single layer cure depth, 𝐶𝑑   as a function of light exposure, E0 for PEG-DA/LAP aqueous 

formulations with different chlorophyllin concentrations (𝑐𝑏 = 0.108 (•), 0.215 (■), 0.430 (▲), 

0.645 (▼), 0.860 (right triangle) mg/mL). Lines are fits of solid symbols to 𝐶𝑑 = 𝐷𝑝 ln(𝐸0 𝐸𝑐⁄ ) 

(0.108 mg/mL, R2 = 0.999; 0.215 mg/mL, R2 = 0.999; 0.430 mg/mL, R2 = 0.996; 0.645 mg/mL, 

R2 = 0.876; 0.860 mg/mL, R2 = 0.920). Open symbols not included in fit. Red, dashed line is fit 

to data for 𝑐𝑏 = 0 mg/mL, which are out of scale (𝐶𝑑 > 3 mm) and thus not shown (see Methods). 

(D) Characteristic length scale associated with light attenuation, Dp as extracted from the slope 

of the fits in (C), and plotted as a function of (𝑐𝑏)
-1 (R2 = 0.999). (E) Critical exposure, Ec 

determined from the x-intercept of the fits in (C) and plotted as a function of 𝑐𝑏 (R2 = 0.880). 
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extensively in the light-based 3D printing literature27, 29. 

We find that our data obtained with low to moderate exposure values are described well by 

the theoretical prediction. Plots of 𝐶𝑑 versus 𝐸0 for five different chlorophyllin concentrations, 𝑐𝑏 

= 0.108, 0.215, 0.430, 0.645, and 0.860 mg/mL are shown in Fig. 2.2c, with fits to the solid 

symbols. As expected, the characteristic penetration depth, 𝐷𝑝, described by the slope of each fit, 

decreases with increasing chlorophyllin concentration; that is, more chlorophyllin results in more 

attenuation. For very high exposure values, the data diverges slightly from the fit. For the three 

highest concentrations (𝑐𝑏 = 0.430, 0.645, and 0.860 mg/mL) the data at high exposure values 

demonstrates sub-logarithmic behavior. This has been reported previously for non-hydrogel resins, 

and has been attributed to the potential development of inclusions in the gel at high exposures, 

which result in scattering27. The next lowest concentration (𝑐𝑏 = 0.215 mg/mL) exhibits super-

logarithmic behavior at high exposures. This has been reported previously as well, and has been 

attributed to photobleaching and self-focusing27. These deviations are irrelevant for most 3D 

printing applications where exposure values 𝐸0 ≤ 103 mJ/cm2 are sufficient.  

To better understand the dependence of 𝐷𝑝 on 𝑐𝑏, we consider the Beer-Lambert Law, 𝐴 =

𝜀𝐿𝑐𝑏, which relates the absorbance of light, 𝐴, to the absorptivity coefficient , the path length 

traveled by light 𝐿, and concentration 𝑐𝑏. Absorbance is commonly defined as 𝐴 =

log10(𝐼0 𝐼(𝐿)⁄ ), where I0 is the intensity of the incident light and I(L) is the intensity of the light 

after passing through a sample of thickness L. Absorbance can also be expressed in terms of 

exposure: 𝐴 = log10(𝐸0 𝐸(𝐿)⁄ ). Setting 𝐸(𝐿) = 𝐸(𝐶𝑑), combining with the Beer-Lambert 

relationship, and solving for 𝐶𝑑 provides 𝐶𝑑 = (1/𝜀𝑐𝑏)log10(𝐸0 𝐸𝑐⁄ ). Combining this equation 

with the previously described equation for 𝐶𝑑 yields 𝐷𝑝 = 𝑎 (𝜀𝑐𝑏)⁄ , where the coefficient a, the 
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consequence of a change of base, should equal 0.4343. This provides a theoretical prediction of 

the relationship between Dp and 𝑐𝑏. To test this prediction, we plot Dp as a function of 1 (𝜀𝑐𝑏)⁄ , as 

shown in Fig. 2.2d. The linearity of the resulting plot is striking, and the data fits well to the 

following form: 𝐷𝑝 = [𝑎 (𝜀𝑐𝑏)] − 𝑏⁄ , where 𝑎 = 0.6208 and 𝑏 = 0.1265. While the physical 

origin of the difference in the slope, a, and the presence of an offset, b is unclear, the 1/𝑐𝑏 scaling 

above b captures the basic physics of photoblocker attenuation. Preliminary results with 

photoblockers such as tartrazine, fast green FCF, and sunset yellow show better agreement with 

our theoretical prediction, a topic which warrants further study. 

The minimum exposure required for gel formation is defined as the critical exposure Ec 

and can be determined from the x-intercept for each curve in Fig. 2.2c as the cure depth goes to 

zero. We plot Ec as a function of 𝑐𝑏  and find that Ec increases proportionally with 𝑐𝑏 from a constant 

value at 𝑐𝑏 = 0 (Fig. 2.2e). In free-radical photopolymerization reactions, the presence of oxygen, 

which is a known scavenger of free radicals, has been shown to increase Ec
27. Thus, it is not 

surprising that chlorophyllin, which is also known to react with free radicals, has a similar effect. 

The minimal increase in Ec due to chlorophyllin should not inhibit printing since the Ec values at 

the highest 𝑐𝑏 are at least an order of magnitude below exposures easily achieved with available 

violet lasers on commercially available printers. However, the increase in Ec may become 

important when attempting to both maximize spatial resolution and minimize light exposure.  

To move beyond single layers and print 3D objects containing internal voids, layer-layer 

adhesion must be ensured while minimizing bleedthrough. To find the optimal balance between 

these opposing factors, we design a test geometry: a hydrogel cube (dimensions: 6 mm  6 mm  

6 mm) containing an internal, fully-enclosed rectangular channel with a square cross-section 
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(dimensions: 1.5 mm  1.5 mm  3 mm; see SI Fig. 2.3). The enclosed channel design prevents 

the exchange of liquid between the channel and resin bath and thus represents conditions which 

will result in maximal channel bleedthrough, ℎ𝑒 such as a channel printed deep within a hydrogel 

where liquid exchange is limited. Intuition suggests that layer-layer adhesion will be achieved by 

meeting the condition 𝐶𝑑  ℓz. To test this, we print the test geometry under varied conditions of 

ℓ𝑧 and 𝐶𝑑 . We vary ℓz over the range 6.25 m  ℓ𝑧  300 m by controlling the gap between the 

underside of the printed object and inner surface of the resin tray, and vary 𝐶𝑑 from 100 m, 150 

m, and 200 m by selecting 𝐸0 from the working curves in Fig. 2.2c. After printing, we evaluate 

each cube for layer-to-layer adherence and mechanical integrity using stereomicroscopy and 

classify the print as a success or failure.  
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Figure 2.3. Determining optimal layer-layer adhesion conditions for printing 3D objects. (A) 

Stereomicroscopy images of hydrogel test cubes (outer dimensions: 6 mm  6 mm  6 mm) each 

printed under defined conditions (left: 𝑪𝒅 = 150 m,  ℓz = 25 m; right: 𝑪𝒅 = 150 m,  ℓz = 150 

m) then imaged and classified as a success or failure. The success-failure criterion was based on 

mechanical integrity and not surface irregularities, which are an aesthetic issue that is 

straightforward to address. (B) Plot of 𝑪𝒅 versus ℓz generated from the classification of 22 

individual cubes printed with 𝒄𝒃 = 0.430 mg/mL. Prints that retain mechanical integrity are plotted 

as green circles and prints that do not retain integrity are plotted as red squares. Dashed line 

represents the expected success-failure boundary, 𝑪𝒅 = ℓz. 
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For print conditions where ℓz > 𝐶𝑑, a newly-cured layer should have insufficient thickness 

to bridge the gap between the bottom of the tray and the bottom surface of the previous printed 

layer. Thus, one would expect print failure due to non-adherence between layers. We find that near 

the ℓz = 𝐶𝑑, boundary, layers still adhere to one another, but the object collapses and deforms as it 

is printed (Fig. 2.3a, right: failure). As ℓz is increased, we eventually observe total failure; layers 

do not adhere to one another and remain dispersed in the resin bath (not shown). Surface 

irregularities are not used as a criterion for success-failure as successfully printed objects well 

within the ℓz < 𝐶𝑑 region have rough surfaces (Fig. 2.3a, left: success). This issue, which is 

common with light-based 3D printers, is easily resolved by including a high-exposure raster step 

around the boundary of each layer, creating a smooth outer surface. For layer-layer adhesion tests, 

this step was excluded.  

Results for all printed objects are compiled as a plot of 𝐶𝑑 versus ℓ𝑧 in Fig. 2.3b. Here, 

each data point represents an individually-printed cube, with green circles corresponding to 

successful prints and red squares corresponding to failed prints. The data falls into two regions, 

with successful prints at low ℓ𝑧, failed prints at high ℓ𝑧, and a distinct transition between success 

and failure. Successfully-printed objects subjected to tensile and shear stresses do not fail along 

layer-layer interfaces. This indicates that the adhesive yield stress is equal to or greater than the 

cohesive yield stress and that layer-layer adhesion is chemical in nature, rather than mechanical. 

This is not surprising, given that residual free radicals and unreacted monomers and oligomers 

remain in previously-printed layers27 which could lead to reaction and interpenetration between 

gel layers. 
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To understand the success-failure transition, we superimpose the defining line at which we 

would expect layer-layer adhesion to fail: 𝐶𝑑 = ℓ𝑧. This line represents a boundary to the right of 

which one would expect objects to lose mechanical integrity. When we overlay this line onto our 

data, the agreement in the center of our data range (𝐶𝑑 = ℓ𝑧  = 150 m) is good; however, at low 

𝐶𝑑, the ℓ𝑧 value associated with the transition from success to failure occurs at a lower value than 

predicted, while at high 𝐶𝑑, the ℓ𝑧 value associated with the transition from success to failure 

occurs at a greater value than predicted. The discrepancy between our data and the prediction can 

potentially be explained by several scenarios. First, the resin tray used to determine the working 

curves in Fig. 2.2c differs, by necessity, from the resin tray used to print 3D objects, and 

differences in tray thickness and material refractive index (see Methods) could result in differences 

in light attenuation. Second, the gel-liquid boundary is likely not a sharp interface but rather a 

diffuse boundary, and it is not clear how thick this boundary is or how boundary thickness changes 

with 𝐶𝑑 . Despite the lack of agreement, mapping print parameters in this manner provides a 

valuable and practical guide for choosing print coordinates.  
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Figure 2.4. Modeling and measuring channel bleedthrough. (A) Single-layer model: The simplest 

scenario; bleedthrough into a void is just ℎ = 𝐶𝑑 − ℓ𝑧. In this illustration (A), as well as (B) and 

(D), the laser is directed upwards along the z-axis (from bottom to top). (B) Multiple-layer model: 

The effect of repeated exposure results in a cumulative cure depth 𝐶𝑑,𝑐 larger than 𝐶𝑑. (C) 

Calculated 𝐶𝑑 , 𝑐 as a function of n for 𝐶𝑑 = 0.15 mm and (from bottom to top) ℓz = 12 m, 25 m, 

50 m, and 100 m. (D) Image of a hydrogel cube containing an enclosed void space after being 

cut in half and an exposed face imaged with stereomicroscopy. Channel bleedthrough, he is 

quantified by measuring the extent of channel occlusion (see inset). (E) Plot of channel 

bleedthrough, he as a function of layer thickness ℓz, for 𝐶𝑑 = 0.15 mm and 𝑐𝑏 = 0.430 mg/ml. 

Measured bleedthrough is greater than predicted by the single-layer model (lower dashed line), 

but consistent with the multiple-layer model (upper dashed line). (F) Numerical calculations of ℎ𝑐 

as a function of ℓz for 𝐶𝑑 = 132 m over the range: 13.2 m  ℓz  132 m for differing 𝑐𝑏 plotted 

as a function of ℓz/𝐶𝑑. From top to bottom, the bounding lines represent  ℎ𝑐 values for 𝑐𝑏 = 0.215 

mg/mL, 0.430 mg/mL, and 0.860 mg/mL. The lowest bounding line represents ℎ = 𝐶𝑑 − ℓ𝑧 . The 

red mark represents print conditions for Fig. 2. 5b, c. 
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For solid objects with no internal voids or overhangs, choice of print parameters should not 

significantly affect print quality as long as the parameters fall to the left of the success-fail 

transition. However, for objects containing internal voids, choice of print parameters will 

determine the amount of bleedthrough into the void space. To define the expected upper and lower 

limits of bleedthrough, we construct two models. In the lower limit, bleedthrough is described by 

considering only the contribution of the layer directly beneath a void. This is simply the difference 

between the cure depth and layer thickness: ℎ = 𝐶𝑑 − ℓ𝑧 (Fig. 2.4a). In the upper limit, the 

contribution of multiple subsequent exposures must be considered. That is, when multiple layers 

are printed beneath a void, even if light is attenuated such that it is below the gelation threshold 

when it reaches the void, repeated exposure will have a cumulative effect (Fig. 2.4b). To model 

this effect, we define the cumulative incident exposure for a particular layer as 𝐸0,𝑐 =

(∑ 𝐸010−[𝜀𝑐𝑏]𝑖ℓ𝑧)𝑛
𝑖=0 , where 𝑛 is the number of layers printed below a void. This summation of 

exposures is based on the assumption that the same resin volume is being repeatedly exposed and 

is not mixed in the channel or freely exchanged with the resin bath. The cumulative cure depth is 

then described as 𝐶𝑑,𝑐 = 𝐷𝑝ln (𝐸0,𝑐 𝐸𝑐⁄ ) and the overlap is ℎ𝑐 = 𝐶𝑑,𝑐 − ℓ𝑧 . It is important to note 

that the cumulative cure depth, 𝐶𝑑,𝑐 can be much larger than 𝐶𝑑. To demonstrate this, theoretical 

predictions for 𝐶𝑑,𝑐 for 𝐶𝑑 = 150 m and ℓz = 12 m, 25 m, 50 m, and 100 m are plotted as a 

function of 𝑛 in Fig. 2.4c. For the curves plotted here, 𝐶𝑑,𝑐 approaches an asymptote, the value of 

which increases as ℓz decreases, and this asymptote in 𝐶𝑑,𝑐 can be significantly larger than 𝐶𝑑. For 

example, for 𝐶𝑑 = 150 m and ℓz = 100 m, 𝐶𝑑,𝑐  450 m, three times larger than 𝐶𝑑.   
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To experimentally determine the extent to which cumulative exposure impacts 

bleedthrough, we select printed hydrogel cubes, each containing an internal, fully-enclosed 

rectangular channel with square cross-section, cut each cube in half, and image the channel cross-

section using stereomicroscopy (Fig. 2.4d). We do this for four cubes, all printed using 𝐶𝑑 = 150 

m (𝑐𝑏= 0.430 mg/mL), but with varying ℓz = 12.5 m, 25 m, 50 m, and 100 m. After 

measuring the average bleedthrough in the enclosed channel, ℎ𝑒, find that ℎ𝑒 decreases with 

increasing ℓz, as expected (Fig. 2.4e). To compare our data with the minimum and maximum 

theoretical estimates for bleedthrough, we include these predictions as dashed lines and find that 

our measurements agree well with the cumulative model prediction (Fig. 2.4e, upper line). This 

supports our hypothesis that the cumulative effect of repeated exposure must be considered and 

provides a theoretical framework for minimizing channel occlusion during printing. 

To better understand the dependence of  ℎ𝑐 on experimental parameters, we rearrange the 

expression for the cumulative model (see SI Text) to obtain:  ℎ𝑐 = ℎ + 𝐷𝑝 ln(∑ 10−[𝜀𝑐𝑏]𝑖ℓ𝑧)𝑛
𝑖=0 . 

This form reveals that for fixed 𝐶𝑑 and ℓz,  ℎ𝑐 should decrease with increasing photoblocker 

concentration, and, in the limit where 𝑐𝑏 → ∞, ℎ𝑐 → ℎ. This can be understood by considering two 

formulations with different 𝑐𝑏. The solution with greater 𝑐𝑏 will have a smaller 𝐷𝑝. Thus, to 

achieve the same 𝐶𝑑, 𝐸0 for the more concentrated solution must be increased until the exposure 

curves cross over at the same z value (z = 𝐶𝑑). Importantly, beyond this crossover, 𝐸(𝑧) will 

decrease more precipitously for the more concentrated solution than the less concentrated solution. 

This means that cumulative exposure will decrease with increasing 𝑐𝑏 for fixed 𝐶𝑑. To show this, 

we solve the expression above numerically for our chlorophyllin formulation. We choose 𝐶𝑑 = 132 

m, calculate ℎ𝑐 as a function of ℓz over the range: 13.2 m  ℓz  132 m for 𝑐𝑏= 0.215 mg/mL, 
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0.430 mg/mL, and 0.860 mg/mL, and plot  ℎ𝑐 as a function of ℓz/𝐶𝑑. Our numerical calculations 

confirm that  ℎ𝑐 decreases with increasing 𝑐𝑏, as shown in Fig. 2.4f. This provides a guide for 

choosing the 𝑐𝑏 necessary to print channels of a given size with an acceptable degree of occlusion.  

To show the value of this approach, we use our results to print hydrogels containing well-defined 

channels with centimeter-scale length, submillimeter-scale cross-section and varying orientation. 

We do this by choosing print conditions (𝐶𝑑 = 132 m and ℓz = 37.5 m) that lie within the success 

region in Fig. 2.3b. Under these conditions, for 𝑐𝑏= 0.430 mg/mL and ℓz/𝐶𝑑 = 0.28, the estimated 

value of cumulative bleedthrough is ℎ𝑒  200 m (Fig. 2.4f, red mark). A spiral channel geometry 

is chosen as a printing benchmark because the channel orientation varies continuously between 

vectors parallel and perpendicular to the light-path throughout the length of the channel, and print 

success is easily determined by observation of flow through the channel. An illustration of the 

print design is shown in Fig. 2.5a, and liquid flow through the printed object is shown by the series 

of microscopy images in Fig. 2.5b. In these images, air bubbles entrained in the liquid provide an 

indication of flow. The inscribed sectional diameter of the channel in the print file is 800 m, and 

the inscribed sectional diameter of the channel in the printed object is approximately 600 m. This 

is consistent with our bleedthrough prediction. To illustrate a slightly more complex channel 

design, we use the same conditions to print an object containing two separate, co-rotating spiral 

channels as shown in Fig. 2.5c. While the channels presented here are simple we fully expect to 

achieve channels approaching in vivo complexity. To print even smaller channels, with minimal 

bleedthrough, parameters must be chosen such that ℓz/𝐶𝑑 → 1 and  𝑐𝑏 is sufficiently high such that 

ℎ𝑐 → ℎ (Fig. 2.4f).  
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Lower limits for photoblocker concentration and exposure are set by 𝑐𝑏 = 0 mg/mL and 

𝐸𝑐, respectively. Upper limits for photoblocker concentration and exposure are set by the saturation 

solubility of photoblocker and exposure at which printing parameters begin to deviate from the 

theoretical prediction. In practice, parameter selection will likely depend on experimental 

constraints such as chemical and biological compatibility with photoblocker and sensitivity to light 

exposure. 
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Figure 2.5. Printed hydrogels with submillimeter channels. (A) Illustration of a rectangular 

hydrogel containing a single spiral channel. (B) Microscopy image series depict flow of aerated 

liquid through a printed chlorophyllin hydrogel (design from (A)). Images are separated by t = 

10 s. Scale bar corresponds to 2 mm. (C) Photograph of rectangular chlorophyllin-containing 

hydrogel containing two independent spiral channels. Two input/output channels are apparent on 

the ends of the rectangular cube; the remaining two are on the back of the cube. Water within the 

channels was expelled using compressed air for improved channel contrast, though some residual 

water remains, as apparent from the air-water meniscus in the second channel from the right. (D) 

Hydrogel cube containing a single spiral channel printed using tartrazine as photoblocker. Oil-

based paint was injected into the channel for visualization purposes. Scale bars in (C) and (D) 

correspond to 5 mm. 
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This optimization approach can presumably be used to characterize any light-based 3D 

printing formulation. To illustrate this point, we replace chlorophyllin with tartrazine and measure 

𝐶𝑑  as a function of 𝐸0 for 𝑐𝑏 = 0.15, 0.30, and 0.45 mg/mL. We find the working curves to be well 

fit by the theoretical prediction 𝐶𝑑 = 𝐷𝑝ln (𝐸0 𝐸𝑐⁄ ), the characteristic penetration depth to follow 

𝐷𝑝~1/𝜀𝑐𝑏, and Ec to increase proportionally with 𝑐𝑏 from a constant value at 𝑐𝑏 = 0 (see SI Fig. 

2.4). We then choose print conditions such that 𝐶𝑑 = ℓ𝑧 = 55 m, 𝑐𝑏= 0.75 mg/mL and print a 

single spiral geometry with equivalent dimensions to the chlorophyllin single spiral geometry as 

pictured in Fig. 2.5d. By contrast to chlorophyllin, tartrazine does not bind to the gel; instead, 

when the hydrogel is placed in water, tartrazine diffuses out of the gel into the water. Thus, 

tartrazine provides an alternative photoblocker for creating transparent, nearly-colorless hydrogels 

with complex internal structures. This result supports the validity of our approach and introduces 

a second photoblocker for use printing hydrogels with violet light. 

For the commercial printer used here, the xy-resolution of our printed objects is ultimately 

limited by the beam waist of the focused laser spot (140 m, FWHM), and the resolution in ℓ𝑧 is 

limited by the minimum step size of the motor (2.5 m). These instrument specifications were 

presumably chosen by the equipment manufacturer to optimize resolution while creating objects 

with large build volumes; however, improved resolution could be achieved by the incorporation 

of focusing optics. Custom-built printing setups with highly-focused, diffraction-limited laser light 

can achieve much finer resolution than this commercial printer; however, it is our expectation that 

our resin development approach could be used in these printers as well to optimize print 

parameters. 
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Conclusion 

Here, we present a systematic approach for structuring hydrogels containing well-defined 

microchannels using light-based 3D printing methods. The components used in the formulation 

are nontoxic, so the printed gels could potentially be used for applications involving living cells. 

In addition, the formulation composition could easily be modified to alter the physical and 

chemical properties of the gel, for example, through the addition of multifunctional crosslinkers 

or by chemical modification of the monomer. High print resolution is enabled by the incorporation 

of water-soluble photoblockers, which strongly absorb violet light; chlorophyllin and tartrazine 

are used here, but other water-soluble compounds that absorb violet light could be used. Our 

measurements of channel bleedthrough reveal that cumulative exposure contributes to undesired 

channel occlusion and must be incorporated into future models of channel bleedthrough. Finally, 

our experimental quantification of cure depth reveals a relationship between characteristic 

penetration depth, photoblocker concentration, and photoblocker absorptivity coefficient, which, 

to our knowledge, has not been reported and could provide an approach for rapidly quantifying 

new formulations.  
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Methods 

Chemicals  

Compounds were purchased from the following manufacturers and used directly without 

additional purification: polyethylene glycol diacrylate (PEG-DA, MW 700; Sigma Aldrich), 

lithium phenyl-2,4,6-trimethylbenzoylphosphinate (LAP, TCI Chemicals); sodium copper 

chlorophyllin (TCI Chemicals), 3-methacryloxypropyltrimethoxysilane (Amersham Biosciences), 

tartrazine (Fisher Scientific). 

Resin formulation  

Stock solutions containing 10 wt% PEG-DA and 0.1 wt% LAP dissolved in water were 

made in 200 mL batches. This concentration of PEG-DA was chosen to create gels with elastic 

moduli on the order of 103 Pa47. Each batch was prepared by combining 18 mL PEG-DA, 0.2 g 

LAP, and 182 mL water. Concentrated photoblocker solution was made by mixing 1 g 

chlorophyllin in 20 mL deionized water. Chlorophyllin concentrations were then set by adding 

microliter quantities of the concentrated chlorophyllin solution to milliliter quantities of the stock 

PEG-DA solution. The resulting dilution of PEG-DA and LAP was considered negligible. 

Chlorophyllin containing formulations were found to age (see SI Fig. 2.5); thus, for all 

experiments, solutions were used within 8 h of mixing. 

SLA printer  

The Form 1+ is a consumer SLA-based 3D printer manufactured by Formlabs (Somerville, 

MA) with the following specifications: laser wavelength  = 405 nm (violet); maximum laser 

power, Pmax = 62 mW, beam diameter d = 0.16 mm;  z-axis minimum step increment, zd =  2.5 m; 
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maximum build volume (OEM) Vmax = 12.5 cm × 12.5 cm × 16.5 cm (4.9 × 4.9 × 6.5 in). 

Modifications  

A print head was modeled to match the OEM head thickness reduced by 1 mm and printed in 

methacrylate on a Form 2 printer.  A silanized, 1 mm glass microscopy slide was bonded to the 

bottom of the head with silicone caulk. A bottomless tray was bonded to the PDMS surface of the 

OEM resin tray, centered about the modified head, to reduce the volume necessary to fill the tank 

to a workable printing depth (see SI Fig. 2.6). 

Print head silanation 

To ensure adhesion of printed hydrogel to the print head, microscopy slides (Fisherbrand 

Colorfrost, 25 mm x 75 mm x 1 mm) were submerged in a 2.0 vol% solution of 3-trimethoxysilyl) 

propyl methacrylate in ethanol (Bind-Silane, GE Healthcare, 17-1330-01) for at least five minutes 

then held at 100C for five minutes. This is a well-established protocol for coupling polymerizing 

hydrogel to a glass surface16. 

Print control 

OpenFL, a version of Formlabs' proprietary slicing software with user adjustable curing 

profiles was used to control the 3D printer. All parameters relevant to exposure such as laser power 

P, laser velocity v, scanline spacing S, number of exposures per layer N, and layer thickness ℓz, 

were adjustable. The average incident exposure per layer per unit area was calculated as: 𝐸0 =
𝑃𝑁

𝑆𝑣
.  

This definition is made with the assumption that the sum of multiple repeated low power exposures 

is equivalent to a single higher power exposure, which has been shown to be valid for current SLA 

printers. For all prints, the scanline spacing was fixed at S = 0.09 mm for appropriate overlap of 
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scanlines. Exposure was controlled by (1) increasing N, which effectively lengthened the duration 

of the exposure, (2) reducing v, which effectively lengthened the duration of the exposure, or (3) 

increasing P, which kept exposure duration constant.  

Cure depth measurements 

Single hydrogel layers did not adhere to the bottom of the PDMS-coated, OEM resin tray. 

Thus, to test single layer cure depth, curing trays were made by gluing large (50 mm x 75 mm x 1 

mm) silanized glass slides to the bottom of small bottomless Petri dishes (35 mm inner diameter) 

using silicone caulk. A clear cast acrylic plate (McMaster Carr, thickness, h = 4.5 mm) was laser 

cut to replace the OEM resin tray and fit into the resin tray slot (17.3 cm x 19.3 cm) of the printer. 

In the center of the acrylic, a hole was made to hold a curing tray. A basic working profile, which 

produced gels of acceptable quality was developed as a baseline for subsequent testing of cure 

depth. Beginning with the baseline profile, alternate profiles of varying exposures were added by 

increasing the number of exposures per layer N while keeping all other variables constant. For 

each measurement, the print head was removed and a single layer printed. The uncured liquid resin 

remaining in the cup was then discarded, the cup gently rinsed with water, and the gel thickness 

was measured with optical coherence tomography. Strong adherence of hydrogel layers to the 

glass-bottom resin tray precluded its use for printing multilayered objects. Differences between 

the OEM tray and custom, single-layer curing trays may lead to discrepancies between theory and 

experiment (Fig. 2.3b). For example, the OEM tray is composed of two layers: a 6.5 mm thick 

layer of PMMA (refractive index, n = 1.49) covered with a 1.5 mm thick layer of PDMS (n = 

1.40), and the custom tray is composed of one layer of 1.0 mm thick layer of glass (n  = 1.52). 
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OCT measurements 

Gel layer thickness measurements were made using an optical coherence tomography 

machine (Leica Microsystems, Envisu 4310). A rectangular volume capture with two A-scans per 

pixel, were scanned over a 1 mm x 4 mm area.  For samples thicker than 1 mm, a 3 mm x 3 mm 

area was scanned. The average gel thickness, as well as the upper and lower limits in thickness, 

were determined by analyzing individual B-scans.  

Absorbance measurements 

Measurements were performed using a plate reader (Biotek Synergy H1 Hybrid Reader). 

To hold the samples, a custom-built well plate was printed on the Form 2 printer. Six 25 mm 

diameter wells were positioned concentric to the equivalent positions of the B2, B6, B10, F2, F6, 

and F10 wells of a standard 96 well plate. Thin concentric lips were modeled at the bottom of the 

six holes to retain a 25 mm coverslip. For each sample, a small volume of liquid resin (V = 130 l) 

was sandwiched between two round coverslips (Thomas Scientific, 25 Cir-No. 1) separated by an 

annular-shaped spacer (McMaster Carr, 90214A438; thickness, h = 0.5 ± 0.05 mm, outer diameter, 

do = 22 mm; inner diameter, di = 16 mm) and loaded into each of the 6 wells. One well was reserved 

for water as a blank. To determine if the molar extinction coefficient of the resin changed with 

exposure time, a custom-built UV lamp was constructed to expose samples to spatially-uniform 

light, similar in wavelength to the Form1+ laser. The UV lamp was constructed using 13 individual 

LEDS (Mouser.com, EAUVA35352IJ8, 400 nm    410 nm), mounted in parallel to each other, 

distributed evenly across a six inch square, copper clad, photo-etched circuit board. A 2.7 Ω 

resistor (Mouser.com, 279-SMW32R7JT) was mounted in series with each LED. A 5 V, 10 amp 

peak power supply was used to power the LEDs. The emitter array was mounted into a 20 cm3 
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cardboard box with the bottom removed and a portion of the top cut out to receive the emitter. The 

current demand was then measured with all LEDs installed. Average current through each LED 

was taken as total current divided by the number of LEDs. With LED power emission plotted 

against current on the EAUVA35352IJ8 datasheet, power of each LED could be determined, 

summed amongst all LED's and divided by the box cross sectional area to determine power per 

unit area. Thus, exposure of any sample placed under the box could be controlled by duration of 

exposure. A series of varying exposure times for various photoblocker concentrations were then 

conducted to determine molar extinction coefficient of the photoblocker at various exposures. 
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Supplementary Information 

Cumulative Bleedthrough 

 Since attenuation of light through each cured and curing hydrogel layer follows the Beer-Lambert 

Law, it follows that the combined exposure acting on any single layer, 𝑖, can be expressed as a 

sum of the first exposure incident to layer 𝑖 with the attenuated exposures that reach layer 𝑖 during 

irradiation of all subsequent layers. This cumulative exposure for  layer 𝑖 = 0,  is expressed as 

𝐸0,𝑐 = (∑ 𝐸010−[𝜀𝐶𝑏]𝑖ℓ𝑧)𝑛
𝑖=0 .  It then follows that the cure depth resulting from this cumulative 

exposure, the cumulative cure depth, can be defined as 𝐶𝑑,𝑐 = 𝐷𝑝ln (𝐸0,𝑐 𝐸𝑐⁄ ). By expanding and 

simplifying this expression, a meaningful physical relationship is explained. The expression for 

cumulative cure depth can be expanded into the form,                           

 𝐶𝑑,𝑐 = 𝐷𝑝 ln(𝐸0 ∑ 10−[𝜀𝐶𝑏]𝑖ℓ𝑧)𝑛
𝑖=0 𝐸𝑐⁄ ).   

Expanding further by separating terms within the natural log, the expression then becomes 

𝐶𝑑,𝑐 = 𝐷𝑝 [ln(𝐸0 𝐸𝑐⁄ ) +  ln(∑ 10−[𝜀𝐶𝑏]𝑖ℓ𝑧)𝑛
𝑖=0 )].  Because the single layer cure depth is defined as 

𝐶𝑑 = 𝐷𝑝 ln(𝐸0 𝐸𝑐⁄ ),  cumulative cure depth can then be expressed as a sum of the single layer cure 

depth with some addendum depth dependent on 𝐷𝑝, 𝜀, 𝐶𝑏 , and ℓ𝑧. 

𝐶𝑑,𝑐 = 𝐶𝑑 + 𝐷𝑝ln(∑ 10−[𝜀𝐶𝑏]𝑖ℓ𝑧)𝑛
𝑖=0 )     (Equation 1) 

Bleedthrough according to the cumulative model is defined as the difference between 

cumulative cure depth and layer thickness, or ℎ𝑐 = 𝐶𝑑,𝑐 − ℓ𝑧. Combining ℎ𝑐 with Equation 1, 

cumulative cure depth can then be expressed as, ℎ𝑐 = 𝐶𝑑 + 𝐷𝑝ln(∑ 10−[𝜀𝐶𝑏]𝑖ℓ𝑧)𝑛
𝑖=0 ) − ℓ𝑧. Since 

bleedthrough, according to the simple model, is defined as the difference between cure depth and 

layer thickness, substituting the expression, ℎ = 𝐶𝑑 − ℓ𝑧, into the expanded form of ℎ𝑐, 
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cumulative bleedthrough simplifies to a sum of the single layer bleedthrough with an addendum 

depth. 

ℎ𝑐 = ℎ + 𝐷𝑝ln(∑ 10−[𝜀𝐶𝑏]𝑖ℓ𝑧)𝑛
𝑖=0 )    (Equation 2) 

From Equation 2, it follows that the cumulative bleedthrough depth approaches the 

single layer bleedthrough depth as the blocker concentration increases significantly. 

lim
𝐶𝑏→∞

(ℎ𝑐) = ℎ                             (Equation 3) 
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Supplementary Figure 2.1. Absorbance measurements as function of wavelength for different 

resin formulations taken using a plate reader (Biotek Synergy H1 Hybrid Reader). See Methods 

section for more details. Chlorophyllin exhibits strong absorbance around 400 nm. The 

photoblocker LAP exhibits some absorption in this region as well, but the absorbance is dominated 

by chlorophyllin. There is no measureable change in the intensity and shape of the absorbance 

spectrum, even after exposure to violet light (400 nm    410 nm) and subsequent crosslinking. 
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Supplementary Figure 2.2. Experimental approach for measuring single-layer cure depth. 
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Supplementary Figure 2.3. Rendering of hydrogel cube containing enclosed rectangular void 

used for bleedthrough measurements. Cube dimensions: 6 mm  6 mm  6 mm. Internal 

rectangular channel with a square cross-section dimensions: 1.5 mm  1.5 mm  3 mm. 
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Supplementary Figure 2.4. Tartrazine as a photoblocker. (A) Single layer cure depth, 𝑪𝒅  as a 

function of light exposure, E0 for PEG-DA/LAP aqueous formulations with different tartrazine 

concentrations (𝒄𝒃 = 0.15 (•), 0.30 (■), 0.45 (▲). Lines are fits of solid symbols to 𝑪𝒅 =
𝑫𝒑 𝐥𝐧(𝑬𝟎 𝑬𝒄⁄ ). (B) Characteristic length scale associated with light attenuation, Dp as extracted 

from the slope of the fits in (C), and plotted as a function of (𝒄𝒃)
-1. (C) Critical exposure, Ec 

determined from the x-intercept of the fits in (C) and plotted as a function of 𝒄𝒃. 
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Supplementary Figure 2.5. Channel bleedthrough as a function of time (over 24 days) for our 

PEG-DA/LAP/chlorophyllin hydrogel formulation. Each point represents an individually printed 

rectangular hydrogel (dimensions: 3 mm x 3 mm x 10 mm) containing an open ended channel with 

square cross-section (dimensions: 1.5 mm x 1.5 mm x 10 mm) that was printed, and then imaged 

on a stereomicroscope to determine channel bleedthrough. Our results show significant aging of 

the resin. For this reason, for all experiments, resin was used within 8 h of mixing. 
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Supplementary Figure 2.6. Modified (A) print head and (B) resin bath for printing hydrogels on 

the Formlabs Form 2 or Form1+ using small volumes of liquid resin. 
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Abstract 

Hydrogels are soft, water-based polymer gels that are increasingly used to fabricate free-

standing fluidic devices for tissue and biological engineering applications. In many of these 

applications, pressurized liquid must be driven through the hydrogel device. To couple pressurized 

liquid to a hydrogel device, a common approach is to insert tubing into a hole in the gel; however, 

this usually results in leakage and expulsion of the tubing, and other options for coupling 

pressurized liquid to hydrogels remain limited. Here, we describe a simple coupling approach 

where microfluidic tubing is inserted into a plastic, 3D-printed bulb-shaped connector, which 

“pops” into a 3D-printed socket in the gel. By systematically varying the dimensions of the 

connector relative to those of the socket entrance, we find an optimal head-socket ratio that 

provides maximum resistance to leakage and expulsion. The resulting connection can withstand 

liquid pressures on the order of several kilopascals, three orders of magnitude greater than 

traditional, connector-free approaches. We also show that two-sided connectors can be used to link 

multiple hydrogels to one another to build complex, reconfigurable hydrogel systems from 

modular components. We demonstrate the potential usefulness of these connectors by established 

long-term nutrient flow through a 3D-printed hydrogel device containing bacteria. The simple 

coupling approach outlined here will enable a variety of applications in hydrogel fluidics.  
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Introduction 

Hydrogels are soft, water-based polymer gels1-4 with widespread applications in medicine5, 

6 and bioengineering.7, 8 While hydrogels have long been incorporated into fluidic devices9, 10, the 

development of stand-alone hydrogel fluidic devices and other hydrogel fluidic elements with 

complex three-dimensional structures has historically been limited. However, recent advances in 

rapid fabrication are now enabling the creation of hydrogel-based fluidic elements and free-

standing devices with complex, high-resolution structures.11-14 For example, hydrogel-based 

photoreactors,15 bioreactors,16 and a variety of engineered tissues with intricate structures17-20 and 

microscale vasculature11, 15, 16, 20-24 have been created. As rapid fabrication technologies continue 

to advance, the use of hydrogel-based fluidic devices are expected to expand.25 

To drive liquid through a fluidic device, tubing containing liquid must be coupled to the 

device. For devices composed of hydrogel, this presents a challenge.25 A common solution, used 

in soft polydimethylsiloxane (PDMS)-based microfluidics, is to simply insert microfluidic tubing 

into a hole in the device.26, 27 In a PDMS device, static friction between the tubing and PDMS 

prevents the tubing from slipping out of the device and allows the formation of a robust, high-

pressure seal.28 However, when this approach is attempted with hydrogel devices, a thin layer of 

water on the surface of the gel lubricates the interaction between the gel and tubing and allows the 

tubing to slip out under relatively low pressure. Adhesives and barb-type connectors have been 

shown to provide stable, high-pressure seals,29 but simple, reversible connector solutions are still 

needed, and the lack of such technologies limits the development of hydrogel-based fluidics. 

Here, we describe a simple, reversible, plug-based connector designed to couple 

microfluidic tubing to a hydrogel-based fluidic device, to allow for pressurized liquid flow through 
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the system. The connection consists of a 3D-printed plastic plug inserted into a matching spherical 

socket in a 3D-printed hydrogel, which is then held in place by the elasticity of the gel. We call 

this a “pop-it” connector. The connection can easily be removed and reinserted, allows for rotation 

around the long axis of the connector, and can also be used to link individual hydrogel modules to 

one another to build complex, reconfigurable fluidic hydrogel systems. To characterize the 

connection, we systematically vary the diameter of the connector head relative to the diameter of 

the gel socket entrance, measure both the force required for insertion and the liquid pressure the 

resulting seal can withstand, and find the head-socket ratio that provides the maximum resistance 

to leakage and expulsion. To demonstrate the usefulness of these connectors, we use them to 

deliver nutrient broth to a 3D printed hydrogel containing bacteria for over a day. The simple and 

robust connector design should enable a variety of hydrogel fluidic applications. 

Results & Discussion 

To illustrate the standard approach for driving liquid into soft microfluidic devices, we 

create a cylindrical, mm-scale hole in a PDMS-based microfluidic device using a biopsy punch 

and insert plastic tubing into the hole (Fig. 3.1a). The outer diameter of the tubing (OD = 1.09 

mm) is larger than the inner diameter of the hole (ID = 1.05 mm) and is held in place by static 

friction. This friction is enough to withstand the pressure needed to drive liquids through the 

device, which can approach P  103 Pa.30, 31 
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Figure 3.1. Friction-based connections developed for traditional microfluidic devices fail when 

applied to hydrogels. (A) Liquid is introduced into a soft microfluidic device by punching a hole 

in the PDMS and inserting larger diameter microfluidic tubing into the hole. Static friction prevents 

the tubing from being expelled even for liquid pressures as high as P  103 Pa. When the same 

approach is applied to a 3D printed PEG-DA hydrogel, where (B) tubing is inserted into a smaller 

diameter hole in the surface of the gel to a depth of 3 mm, (C) the tubing is expelled from the 

hydrogel as liquid is forced into the gel at low pressure (P  1 Pa). Scale bars in (A) and (C) 

correspond to 5 mm and 10 mm, respectively. 

By contrast, when tubing is inserted into a hydrogel fluidic device, friction between the 

tubing and gel is insufficient to resist even very small pressures. To demonstrate this, we 3D print 

a cm-scale polyethylene glycol diacrylate (PEG-DA) hydrogel (10 w/w%) containing a single 
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straight channel of length, l = 12 mm and diameter, D = 0.8 mm and insert microfluidic tubing into 

the channel. The outer diameter of the tubing (OD = 1.32 mm) is larger than the inner diameter of 

the channel entrance (ID = 1.20 mm) corresponding to a gel strain of γ  0.1, so the gel exerts a 

radial compressive stress on the tubing (Fig. 3.1b). When we drive water through the hydrogel 

using a syringe pump at a low flow rate (Q = 200 μL/min), we observe that the seal begins to leak 

in less than 10 seconds, and the tubing, with an inserted section length, l  3 mm, is forced out of 

the hydrogel in less than 100 seconds. This is illustrated by the series of time-resolved images in 

Fig. 3.1b. While the failure rate depends on a variety of factors such as gel elasticity, surface 

moisture, surface roughness, and gel strain, leakage and tubing expulsion from hydrogel-based 

fluidic devices occurs consistently and at low flow rates. Failure occurs even more frequently when 

hydrogels with smaller channels and more complex vasculature are used due to the higher 

pressures required to drive flow. 

To address this issue, we design and fabricate a plastic connector and gel socket pair that 

serves to secure fluidic tubing to the hydrogel. Our connector is plug-shaped, and 3D printed using 

a photopolymerizable plastic (see Methods). Microfluidic tubing is inserted into the connector and 

the two are held together with static friction (Fig. 3.2a). To couple the tubing and connector 

assembly to a hydrogel, a matching socket is printed at the channel inlet to the hydrogel, and the 

connector is inserted into the socket, as shown in Fig. 3.2b-c. The design is such that a lip of gel 

at the channel orifice is stretched during connector insertion and relaxes to form a tight seal around 

the connector after insertion. We call this a “pop-it” connection. These connectors are simple and 

easy to manufacture. For example, the batch of connectors shown in Fig. 3.2d (n  100) can be 
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fabricated in less than two hours. A hydrogel with pop-it connectors inserted on both inlet and 

outlet ports is shown in the photograph in Fig. 3.2e.  

 
Figure 3.2.  Plastic 3D printed connector secures fluidic tubing to 3D printed hydrogel. (A) CAD 

rendering of connector design. (B, C) Illustrations of connector insertion into 3D printed socket 

opening into a hydrogel channel. For a seal to form, the diameter of the connector head, Dc must 

be larger than the diameter of the gel socket neck, Dg. (D) Connectors can be rapidly printed and 

with high fidelity. (E) Connectors secure fluidic tubing to two ends of a 3D printed hydrogel. 

Channel is filled with an oil-based dye to highlight channel shape. Liquid beneath gel is not leaked 

oil, but residual water with color reflection from above. Scale bars in (D) and (E) correspond to 5 

mm. 

Provided a connector is matched with a smaller-diameter, appropriately sized gel socket, 

the gel will form a seal and the elasticity of the gel will resist removal. Appropriate sizing is based 

on the condition that the head of the connector, with diameter Dc, is larger than the inner neck 
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diameter Dg of the gel socket (Dc/Dg ≥ 1; Fig. 3.2b, c). Intuitively, we expect the seal to improve 

as Dc/Dg increases; however, if Dc/Dg is too large, the gel will fracture during connector insertion. 

To determine the magnitude of the forces associated with connector insertion as well as the largest 

achievable Dc/Dg ratio without gel fracture, we systematically vary Dc/Dg and for each condition 

measure the force required for insertion as well as the maximum liquid pressure the seal can 

withstand. For these measurements, we fix the gel neck entrance size (Dg = 2.30 mm) and 

systematically vary the connector head size (2.70 mm ≤ Dc ≤ 3.50 mm). In this way, we vary the 

Dc/Dg ratio from 1.17 to 1.52. 

To measure the force required for connector insertion as a function of Dc/Dg, we use the 

normal force sensor of a mechanical rheometer (Fig. 3.3a). For each measurement, a connector 

with a defined Dc is mounted on the upper rheometer plate and brought down towards the gel at a 

fixed velocity (v = 10 m/s). Before the connector and gel come into contact, the normal force F 

is zero. When the two contact, the normal force jumps, and increases as the connector is forced 

into the gel socket, deforming the gel. The normal force increases to a maximum, Fmax and then 

drops back to a value close to zero as the connector locks into the gel socket. A representative 

measurement is shown in Fig. 3.3b. For each Dc, we measure multiple force-displacement curves 

(n = 3-7) and co-plot these data. We observe that Fmax increases with increasing Dc (Fig. 3.3c). For 

connectors with Dc > 3.60 we observe that the gel fractures when the connector is inserted (data 

not shown). This sets an upper limit for Dc/Dg for this connector geometry and gel formulation.   
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Figure 3.3. Connector insertion into gel socket is governed by gel elasticity. (A) Experimental 

setup for measuring the normal force resisting connector insertion into a gel socket. The upper 

plate of the rheometer brings the connector down into contact with the gel. The normal force, F is 

measured by a plate beneath the gel. Scale bar corresponds to 5 mm. (B) Representative plot of 

normal force F as a function of distance d for the experiment shown in (A) for Dc = 3.50 mm and 

Dg = 2.15 mm. (C) Force measurements for connectors of varying Dc and gels with fixed Dg = 2.15 

mm. Fmax increases with increasing Dc. Different colored symbols represent measurements on 

individual gels (n = 3-7 for each Dc). (D) Averaged Fmax from (C) divided by the contact area A 

between the connector and gel provides a stress, which is plotted as a function of the maximum 

dimensionless strain: (Dc - Dg)/Dg. The slope of the curve provides the gel elastic modulus Ge. (E) 

Bulk rheology measurements on the gel provide a comparable value for Ge, confirming the role of 

gel elasticity. 
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To understand the forces resisting connector insertion, we convert the measured force to a 

stress τ by dividing the averaged Fmax for each Dc by the maximum contact area between the 

connector and gel (see Methods and ESI). We then define the maximum gel strain during connector 

insertion to be γ  (Dc - Dg)/ Dg, and plot τ as a function of γ (Fig. 3.3d). We find that the data is 

fit well by a straight line, even for large γ > 0.5. This is consistent with elastic behavior, where τ = 

Geγ and Ge is the elastic modulus of the gel.32 From our fit, we find the elastic modulus to be Ge = 

11.6 ± 1.1 kPa. To compare this result from insertion force measurements with bulk measurements, 

we perform shear rheometry on large hydrogels and find the elastic modulus of the gel to be Ge = 

10.7 ± 0.2 kPa (Fig. 3.3e). This confirms that the gel is deformed elastically for this Dc/Dg range 

and that the elasticity of the gel resists connector insertion. Here, because there were no device 

design constraints, the overall dimensions of the hydrogel fluidic device were sized such that the 

printed socket did not interfere with the macroscale structure or functionality of the gel; however, 

socket size may become an issue for very small devices. For example, practical considerations like 

physical handling and insertion of the connector into the socket will limit the smallest connector 

and socket that can be used. For small socket sizes, the gel lip thickness may also become so thin 

that it is unable to withstand deformation without gel fracture. Also, in situations where important 

structural features of the gel device are in close proximity to the socket, gel deformation induced 

by connector insertion may impact these features. 

Next, we test the maximum liquid pressure, Pmax that the pop-it connections can withstand 

before connector leakage and expulsion. To apply a well-defined hydrostatic pressure, we attach 

the pop-it connector to a reservoir of water that can be raised and lowered in a controlled manner 

(see Methods and ESI). To apply static pressure without needing to account for pressure loss due 
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to liquid flow, we use hydrogel sockets with a closed inner surface that are not connected to open 

channels in the gel. For each experiment, we systematically increase the hydrostatic pressure, P in 

increments ranging from 0.025 Pa to 10 Pa until connection failure is observed. We do this over 

the range: 1.16 ≤ Dc/Dg ≤ 1.67 by fixing the socket size (Dg = 2.15 mm) and systematically varying 

Dc. For each connector ratio, we measure Pmax multiple times (n  12) by performing up to 3 repeat 

measurements on 4 to 5 different hydrogels. Hydrogels are elastically deformed during insertion 

and removal, and we observe no statistically significant trend in Pmax with repeated measurements 

on the same gel. While the gel formulation used in these experiments has a swelling ratio less than 

1% in distilled water33, we equilibrate the gels for 24 h in distilled water to mitigate any swelling 

effects.  

We find that Pmax increases with γ, approaching values as high as Pmax  3 kPa (Fig. 3.4). 

These pressures are three orders of magnitude greater than those we measure for connector-free 

couplings (Pmax  2.5 ± 1.5 Pa, n = 3 hydrogels) and are equivalent to pressures generated in 

PDMS-based microfluidic devices. Pressure of this magnitude could be used to generate 

significant flow rates in large channels (Q   170 mL/min, cylindrical channel with D = 0.8 mm 

and l = 12 mm, see Methods) and are large enough to drive flows through highly vascularized 

tissues.34 Interestingly, though both connector insertion and expulsion require gel deformation, 

Pmax increases exponentially with γ, while [Fmax/A] increases linearly with γ (Fig. 3.3c).  This may 

be because for large Dc the connector head becomes asymmetric along the axis of the cylinder (see 

images in ESI); thus, the contact area between the connector and gel during insertion and removal 

may be quite different. In addition, the gel socket lip is asymmetric and may deform differently 

during insertion and removal. This apparent hysteresis is supported by preliminary normal force 
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measurements of connector insertion and removal (see ESI). While understanding this hysteresis 

is outside the scope of this paper, this warrants further investigation. Here, the liquids we flow 

through the gel are the same as the liquids used to equilibrate the gel; if liquids with different 

compositions and osmolalities are used, potential swelling or shrinkage may impact Pmax. 

 
Figure 3.4. Seal between connector and gel socket improves as the connector head diameter 

increases relative to the gel neck diameter. Maximum hydrostatic pressure at failure, Pmax, plotted 

as function of maximum gel neck strain during connector expulsion and fit to a simple exponential 

increase (see Methods). For the connector with the largest head, the connection can withstand 

pressures P > 2.5 kPa, three orders of magnitude greater than the pressures that standard, 

connector free approaches can withstand (P  1 Pa). 
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Pop-it connectors can also be used to connect modular gels to one another. For example, 

two-sided, dumbbell-shaped connectors (Fig. 3.5a) matched to 3D printed sockets in opposing 

gels can be used to bring adjacent gel cubes into contact and hold them in place. For example, 

joining of two hydrogel cubes using a two-sided connector is shown in a series of images in Fig. 

3.5b, c. To further demonstrate this modularity, we print four hydrogel cubes (edge length, lc = 9 

mm), three of which contain a straight cylindrical channel (D = 1.20 mm) running from one cube 

face to the opposing face, and one cube with three cylindrical channels running from three different 

cube faces and joining at a single intersection point. We dye these cubes with food coloring to 

highlight their individuality, connect them using two-sided pop-it connectors, and drive water 

through the assembly with one-sided pop-it connectors coupled to microfluidic tubing. Images of 

the gel modules and the assembly are shown in Fig. 3.5d, e. The connectors form an excellent seal 

between hydrogels, allowing for liquid flow. This approach could be used to build complex, 

reconfigurable hydrogel systems from simple modular components. We note that a variety of 

connector types exist for connecting modular microfluidic components to one another35, 36 

including self-aligning magnetic interconnects37 and integrated microfabricated gaskets38; 

however, these technologies have not been demonstrated for use with hydrogels. 
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Figure 3.5. Double-sided pop-it connectors can be used to build interconnected assemblies from 

modular gels. (A) Photograph of two-sided connectors. (B, C) Image series of two 3D printed 

hydrogels joined using a two-sided connector. (D, E) Images of four 3D printed hydrogels joined 

together using multiple two-sided connectors. Gels were colored with food dye before assembly 

to illustrate modular nature of the assembly. The blue, green, and yellow cubes contain a single 

straight channel running from one cube face to another. The red gel contains channels running 

from three adjacent faces that connect in the center of the cube. The modular assembly does not 

leak when water is driven through the assembly. Scale bars in (A) and (E) correspond to 5 mm and 

10 mm, respectively. 

Pop-it connections offer additional advantages. First, pop-it connections allow for rotation 

around the long axis of the connector. To demonstrate this, we attach two hydrogels together with 

a two-sided connector and rotate the upper (blue) hydrogel by 45 around the z-axis without 

disturbing the connection (Fig. 3.6a-c). This rotational degree of freedom could be used for 

reconfigurable modular assemblies for structure-function studies and soft robotics. Second, two-

sided connectors can be used to bring two hydrogel modules into contact together to allow for 
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molecular diffusion from one module to another. To demonstrate this, we bring two hydrogel cubes 

together with a dumbbell shaped connector and observe the diffusion of red dye from one cube 

into the other (Fig. 3.6d-f). This could be used to establish well-defined concentration gradients in 

engineered tissues. Third, the reversibility of the pop-it connection allows one to change the 

composition of the liquid driven through a given hydrogel during an experiment. To demonstrate 

this, we introduce one colored oil to a hydrogel module, followed by a second colored oil from a 

separate tubing source (Fig. 3.6g, h). This approach could be used to alter the media conditions 

supplied to living cells embedded in hydrogel. This rapid exchange is not feasible for connections 

requiring adhesive.29  

Finally, to demonstrate a clear application of the pop-it connection, we 3D-print a hydrogel 

cube containing Pseudomonas aeruginosa (pMF230; constitutively expressing GFP) with a single 

straight channel with connection sockets at both ends of the channel and use pop-it connections on 

either end to establish nutrient flow through the hydrogel. We use a plastic 3D-printed holder to 

stabilize the gel, connectors, and tubing (Fig. 3.6i). We store the entire assembly in an incubator 

at 37 °C and 100% relative humidity and drive tryptic soy broth (TSB) media at a flow rate of 2 

mL/h through the gel. After 24 h, we cross-section the hydrogel and image the GFP intensity with 

confocal microscopy. A duplicate bacteria-laden hydrogel is cross-sectioned at t = 0 and imaged 

as well for comparison. The images in Fig. 3.6j, k show clear microbial growth in the hydrogel 

supplied with media.  
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Figure 3.6. Pop-it connector advantages and potential applications. (A-C) Connectors allow for 

free rotation around the long z-axis of the connector. The two gels are colored with red and blue 

food dye for clarity. (D-F) Two hydrogels held in contact by a two-sided connector allows 

diffusion of material from one gel into the other. Here, red food dye is used. (G, H) Connector 

reversibility allows multiple fluid streams to be sequentially introduced into the same hydrogel.  

(I-K) Long-term flow of media through a hydrogel containing bacteria enabled by connectors 

maintains cell growth and viability, (I) Hydrogel and tubing are assembled and held in a plastic 

3D-printed holder. Fresh media is driven from left to right through the hydrogel. The gel is dyed 

red here for clarity. (J, K) Fluorescence confocal microscopy cross-sectional images of gel 

containing Pseudomonas aeruginosa (pMF230; constitutive GFP) before (J) and after (K) growth 

for 24 hours. Dark center hole is the cross-section of a semi-cylindrical channel (D  1.20 mm). 

Scale bars correspond to: (H) 10 mm; (C), (F), and (H) 5 mm; and (K) 500 µm 

The connector design presented here could be modified in a variety of ways. For example, 

the shape of the connector and socket could be optimized for ease of insertion, for improved seal 

formation, or to better distribute stress in the hydrogel. Here, we use a bulb-shaped connector, but 

other connector geometries such as screw shapes and configurations with different rotational and 

axial symmetry could be explored. In addition, fabrication methods other than 3D printing could 

be used to structure the connector socket in the hydrogel. For example, a casting approach like that 

used in soft lithography-based could be used, 39-41 and, the creation of overhanging features in the 

negative mold could be achieved using two-photon polymerization techniques.42, 43 Pop-it 
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connectors could also be integrated into hybrid hydrogel/PDMS systems.10 Finally, a wide variety 

of hydrogel formulations could be explored to improve or optimize connector performance.44 Gel 

mechanical properties could be varied by controlling monomer and crosslinker chemistries 45, 

molecular weight46, gel concentration,46 and by the addition of filler materials.47 In addition, 

alginate,48 agarose,48 gelatin methacryloyl (GelMA),49 poly(vinyl alcohol) (PVA),50 and double-

network hydrogels with enhanced strength and elasticity47 could be explored. 

Conclusion 

In conclusion, the 3D printed “pop-it” connection presented here represents the first 

reported hydrogel connection mechanism for coupling tubing to hydrogel fluidic devices in a 

stable, reversible manner to allow for liquid flow. Pop-it connectors mount into well-defined 3D 

printed sockets by simple insertion and are held in place by the elasticity of the hydrogel, rather 

than static friction. Using this connection, we show that it is possible to drive fluid flow while 

sustaining pressures up to ΔP  3 kPa, which is three orders of magnitude greater than the standard 

connector-free approach and equivalent to the pressures required to drive flow through standard 

PDMS-based microfluidic devices. We demonstrate that a two-sided connector can be used to 

couple two hydrogels together to construct modular assemblies with intermodular diffusion. 

Lastly, we demonstrate that pop-it connectors can be used to establish long-term nutrient flow to 

hydrogels to sustain the growth and viability of bacteria in the gel. These pop-it connectors will 

enable a variety of hydrogel applications by allowing for reliable, leak-free flow. 
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Methods 

Hydrogel 3D Printing 

Hydrogels were designed using CAD software (Autodesk, Fusion 360) and 3D printed 

using a commercial stereolithography 3D printer (Formlabs, Form 1+). For the aqueous resin 

formulation, poly(ethylene glycol) diacrylate (PEG-DA) was used as a monomer (10 wt%, Sigma-

Aldrich, Mn 700), lithium phenyl-2,4,6-trimethylbenzoylphosphinate (LAP) was used as a 

photoinitiator (0.1 wt%, Tokyo Chemical Industry), and tartrazine was used as a photoblocker 

(0.075 wt%, Alfa Aesar). Prepared resin solutions were poured into the printer resin tray. To 

fabricate gels with well-defined and open structures, resin formulation and light exposure 

conditions were selected for optimal printing.11 To ensure adhesion of hydrogel to the print head, 

microscopy slides (Fisherbrand Colorfrost, 25 mm × 75 mm × 1 mm) were pretreated with Bind-

Silane (2.0 vol%, GE Healthcare, 17-1330-01). Microscopy slides were submerged in the Bind-

Silane solution for five minutes then baked at 100 °C for another five minutes. Treated slides were 

attached to the custom-made print head with a UV bonding adhesive (Norland Products).51 

Hydrogel CAD files are available in ESI. The printing process proceeds by photopolymerizing the 

object layer-by-layer as described elsewhere.52    

Connector 3D Printing 

Connectors were designed using CAD software (Autodesk, Fusion 360) and 3D printed 

with a commercial stereolithography 3D printer (Formlabs, Form 3) using a methacrylic acid ester-

based resin (Formlabs, Clear Resin). After printing, connectors were washed with isopropyl 

alcohol and post-cured with a benchtop ultraviolet light. Formlabs resins are resistant to ethanol 

and UV light, both of which can be used for sterilization. As an alternative, Formlabs High-
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Temperature resin could be used to create autoclavable connectors. Connector CAD files are 

available in ESI. 

Liquid Flow 

To drive water through a hydrogel, a plastic syringe (60 mL Soft-Ject Luer Lock, Henke 

Sass Wolf) was filled with water and mounted into a syringe pump (World Precision Instruments, 

Model AL-4000).  A blunt, 20-gauge dispensing needle was attached to the syringe end with a luer 

lock fitting and polyethylene tubing (Scientific Commodities Inc., I.D. = 0.86 mm; O.D. = 1.32 

mm). The other end of the tubing, with or without attached pop-it connector, was then inserted 

into the 3D printed hydrogel. For the hydrogels in Fig. 1 and 2, oil-based red and yellow paint 

diluted with silicone oil (AR20) was used to highlight the channels. 

Hydrostatic Pressure Measurements 

To determine the pressure required for connector failure, we constructed a custom 

experimental setup capable of applying well-defined hydrostatic pressures (SI Fig. 3.1). The 

mechanized system consisted of a microcontroller (Elegoo UNO R3), a stepper motor driver 

(TB6600), and two stepper motors with lead screws (NEMA 17 with 150 mm T8 lead Screws). 

The lead screws provided controlled linear movement with a minimum step size of 2.5 m. A 

water reservoir was mounted to the stepper motor lead screws and connected to the hydrogel 

through tubing and a pop-it connector. The reservoir was incrementally raised using the stepper 

motors until the connection between the connector and the hydrogel failed. The height differential 

between the top of the water reservoir and the pop-it connector was then used to determine the 

maximum liquid pressure, Pmax by calculating the hydrostatic pressure at that point using 𝑃ℎ =

𝜌𝑔ℎ, where ρ is density of the fluid, g is gravitational force and h is the height of the fluid. A video 
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of a representative experiment is shown in Video S1. The data in Fig. 3.4 is fit to the following 

function: ∆𝑃 = 𝑎𝑒𝑏𝛾 where γ  (Dc - Dg)/ Dg, a = 0.056, and b = 5.48. 

Flow Rate Estimates 

To estimate the flow rates that our pop-it connections are capable of withstanding, we 

calculate the volumetric flow rate, Q through a cylindrical channel of diameter, D = 0.8 mm and 

length l = 12 mm using the Hagen-Poiseuille equation: 𝑄 =  
𝛥𝑃𝜋𝐷4

128𝑙
 

Here,  is the dynamic viscosity of the liquid and ΔP = ΔPmax. For water and ΔPmax = 3 

kPa, we find Q = 170 mL/min. 

Rheometry and Force Measurements 

A mechanical rheometer (TA Instruments AR-G2) was used to perform two types of 

measurements: standard shear rheometry and non-standard normal force measurements. Small 

amplitude shear rheometry measurements over a range of frequencies, ω = 0.01 Hz – 1 Hz and 

strain amplitudes, γ = 0.001 – 0.05 were performed after mounting coin-shaped 3D-printed 

hydrogels (sample thickness, h = 3 mm; sample diameter, Ds = 20 mm) in a parallel plate geometry 

(plate diameter, Dp = 20 mm). Normal force measurements were performed by attaching individual 

connectors to the upper rheometer head with double-sided adhesive tape. Then, a spot in the center 

of the lower rheometer plate was marked, 3D printed hydrogel samples were mounted inside a 3D 

printed housing, and the housing placed on the lower plate in a well-defined position. To further 

ensure axial alignment of the connector with the socket, the z-position of the upper rheometer head 

was slowly lowered to approach the hydrogel allowing any necessary adjustments to be made. To 

measure the normal force required to remove the connector from a hydrogel socket, an inserted 
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connector was retracted by lifting the upper rheometer plate away from the gel. Each measurement 

took approximately 2-3 minutes in total; if the measurement was prolonged, the hydrogel was kept 

hydrated by the addition of a small amount of water. The pressure sensing unit of the rheometer is 

within the lower standing platform. Once the connector and gel are in contact, the integrity of the 

connector adhesion to the upper geometry should not impact the measurement. If this adhesion 

were to fail before contact, we would expect a sudden jump in the force. Adhesion of the holder 

to the lower platform is less likely to fail, would result in a shift in the xy-plane, and would easily 

be observed by visual inspection. 

Measuring Contact Area of the Connector 

The contact area, A used in Fig. 3.3d to calculate τ was estimated using the “Measure” 

function in Fusion 360. For this, each connector CAD drawing was used to estimate potential 

contact area of each connector on the inner walls of the hydrogel (See supplementary). Estimating 

A is done by assuming that the hydrogel socket is stretching into the shape of pop-it connector 

upon insertion. Also, since the surface area of the pop-it connector acting on the hydrogel during 

Fmax should not change for insertion and removal of the connector, the same A values are valid to 

calculate pressure acting on the hydrogel during both insertion and removal of the connector. 

Growth of 3D Printed Bacteria 

Pseudomonas aeruginosa (pMF230) is cultured overnight in liquid TSB media with 

ampicillin (100 µg mL-1). After 12+ h of growth, approximately 109 CFU/mL of planktonic 

bacteria is added to the bioink resin prior to the 3D printing. The pMF230 strain constitutively 

expresses GFP, so fluorescence intensity and colony size are used to measure growth and viability. 

The hydrogel holder in Fig. 3.6i is 3D printed (Formlabs, Form 3, High Temperature Resin) and 
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autoclaved prior to assembly. After growth for 24 h at 37 C, the gel is sectioned with a razor blade 

and imaged with a confocal microscope (Leica SP5; 5× air objective).  

  



84 

 

Supplementary Information 

Hydrostatic pressure measurements 

To determine the pressure required for connector failure, we constructed a custom 

experimental setup capable of applying well-defined hydrostatic pressures (SI Fig. 3.1). The 

mechanized system consisted of a microcontroller (Elegoo UNO R3), a stepper motor driver 

(TB6600), and two stepper motors with lead screws (NEMA 17 with 150mm T8 lead Screws). 

The lead screws provided controlled linear movement with a minimum step size of 2.5 m. A 

water reservoir was mounted to the stepper motor lead screws and connected to the hydrogel 

through tubing and a pop-it connector. The reservoir was incrementally raised using the stepper 

motors until the connection between the pop-it connector and the hydrogel failed. The height of 

the reservoir at failure could then be calculated from the number of steps the stepper motors had 

taken. The height differential between the top of the water reservoir and the pop-it connector was 

used to determine the hydrostatic pressure 𝑃ℎ required for connection failure using the simple 

equation: 𝑃ℎ = 𝜌𝑔ℎ, where ρ is density of the fluid, g is gravitational force and h is the height of 

the fluid. A video of a representative experiment is shown in Video S1. 

Estimating contact area between connector and gel 

Method used to estimate the contact area, A between the connector and gel at maximum 

deformation during connector insertion (SI Fig. 3.2). These values of A were then used to calculate 

the stress, τ = Fmax/A, and the values plotted in Fig 3.3d. 
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Evidence of hysteresis in normal forces associated with connector insertion and removal 

To compare the normal forces associated with insertion and removal of the pop-it 

connector, we 3D printed a PLA enclosure (dimensions: 8.5 mm x 8.5 mm x 15.5 mm; wall 

thickness: 0.50 mm; top hole diameter: 5.00 mm) to hold the hydrogel in place during retraction 

of the rheometer head (SI Fig. 3.3a, b). The pop-it connector and hydrogel holder were each taped 

to the rheometer head and platform, respectively as shown in SI Fig. 3.3c. For each measurement, 

the pop-it connector was inserted into the hydrogel in a manner similar to that described for Fig 

3.3, and the rheometer head was then also retracted to remove the connector. A representative 

force measurement with clear hysteresis is plotted in SI Fig. 3.4. 
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Supplemental Figure 3.1. Hydrostatic pressure setup. (A) 3D printed parts were assembled 

together with a stepper motor and microcontroller to control the height of the water reservoir and 

generate a hydrostatic pressure on the hydrogel inlet. (B) Movement of the stepper motor was 

controlled by an Elegoo UNO R3 microcontroller and a TB6600 stepper motor driver to provide 

precise control of the height. (C) A hydrogel with an attached pop-it connector remains stable 

when no hydrostatic pressure is applied (∆𝑃 = 0 Pa), and is (D) expelled from hydrogel when ∆𝑃 

= 580 Pa 
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Supplemental Figure 3.2. Contact area, A when hydrogel is at 𝑭𝐦𝐚𝐱 during the insertion of the 

pop-it connector. (A) Representative side view of connector and gel to shows the position of the 

connector in the hydrogel socket during insertion when force is at 𝑭𝐦𝐚𝐱. Area of the roughly 

highlighted zone is extracted using the software Fusion 360. (B) Table of A values for each pop-

it connector. 

 

 

 

 

 

 

 

 

 

 

 

 



89 

 

 

Supplemental Figure 3.3. Experimental setup for measuring normal forces associated with 

connector insertion and removal. (A) CAD design file of hydrogel holder. (B) Top-view of the 

hydrogel holder (C) Full experimental setup mounted on the rheometer. 
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Supplemental Figure 3.4. Representative measurement of normal force, F as a function of 

displacement, d, for a connector inserted into a gel socket (blue data points) and then removed 

from the socket (green data points). For the two data sets, the upper rheometer plate is moving in 

opposite directions, indicated by the arrows. The measurement reveals clear hysteresis in the forces 

associated with insertion and removal. The reason for this hysteresis is not clear. 
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Abstract 

Hydrogels are water-based polymers with a variety of applications in bioengineering and 

tissue engineering. Many of these applications require precise encapsulation of cells in 3D space 

using a high-resolution light-based 3D printer. Oxygen transport in the hydrogel is essential to 

maintain high cell viability, and it primarily occurs through diffusion. However, diffusion through 

the dense cell clusters is limited due to the rapid oxygen consumption by cells. This causes low 

cell viability at the hypoxic zones in the hydrogel. Calcium peroxide is an oxygen-generating 

material, providing long-term oxygen release upon decomposition in the hydrogel. However, light-

based 3D printing with calcium peroxide particle-loaded resin requires certain formulation steps. 

This is due to light scattering on calcium peroxide particles changes the liquid resin's 

photopolymerization profile. Calcium peroxide also decomposes to produce hydrogen peroxide, 

degrading the monomer in the resin, and toxic for cells. Here we describe the formulation 

parameters for calcium peroxide added hydrogel resin for light-based 3D printing. We 

systematically vary calcium peroxide particle concentration to assess its effect on the particle 

scattering and resin's curing profile. Then, we investigate calcium peroxide's effect on polymer 

degradation and the ability of catalase to protect monomers by preventing hydrogen peroxide 

build-up. Finally, we have 3D printed E. coli using calcium peroxide loaded hydrogel and 

demonstrated the effect of calcium peroxide addition on increasing the cell viability. The 

formulation steps for calcium peroxide loaded resin described here have potential to significantly 

improve overall oxygen availability in a hydrogel and will enable a variety of applications in tissue 

engineering and bacteria printing. 
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Introduction 

Tissue engineering is an interdisciplinary field that aims to regenerate, maintain, or replace 

various biological tissues [1, 2]. Tissue engineering is important because it offers tissue 

regeneration capacities that are beyond what naturally are possible [3]. Tissue engineering seeds 

or entraps cells in a scaffold and relies on mimicking cells' natural environmental conditions [4], 

including cell-cell interactions [5], the geometry of the native biological construct [6], and nutrient 

availability [7]. Encapsulated cells require oxygen and other nutrients to survive [8]. Diffusion is 

the primary transport mechanism in most biological constructs and it is especially true for transport 

in the dense cell regions due to suppressed advection [9, 10]. In biological systems, a solute is 

consumed during the diffusion. This causes diffusion limitation in the biological systems beyond 

a particular characteristic diffusion length scale [11, 12]. It is found that oxygen can diffuse 

through the cell clusters to a limited distance of approximately 200 μm [13]. This limits the 

transport of oxygen and reduces the cell viability at hypoxic zones of the gel. One potential solution 

to enhance the transport is incorporating vasculature-like channels to the hydrogel [14, 15]. This 

is often done with 3D printing, which is a powerful tool to allow precise placement of cells up to 

a micron size resolution in a hydrogel [16]. Incorporating vasculature-like channels is an invasive 

method as channels needs to be distributed throughout the hydrogel. Besides, 3D printing with 

channels requires a complex-understanding of resin formulation and printing parameters; thus, it 

is not always possible to incorporate channels into a gel [17]. Therefore, alternative methods for 

delivering oxygen to cells in hydrogel are needed. 

One option to improve oxygen availability in hydrogels is by entrapping oxygen-releasing 

materials [18]. Oxygen-releasing materials are chemicals that produce oxygen upon dissolution 
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and decomposition and can be used to enhance the artificial biological structure's oxygen content 

[19]. Numerous oxygen-releasing particles have been investigated for their oxygen release 

mechanism, including magnesium peroxide, sodium percarbonate, and calcium peroxide (CPO) 

[20-23]. CPO is particularly promising because of its prolonged oxygen release profile, making it 

a good candidate for cell-implanted hydrogel applications [24]. CPO first decomposes to produce 

oxygen and hydrogen peroxide, which further decomposes into additional oxygen and water [25]. 

It has been shown that CPO provides an oxygen source for cells in the hydrogel's hypoxic zone for 

up to 7 days [24]. CPO has been previously used for extrusion-based 3D bioprinting and 

crosslinked within the hydrogel [24]. However, the efficacy of calcium peroxide addition to light-

based 3D bioprinting has not been shown before and requires a precise understanding of how CPO 

particles affect the light-based printing process. Light-based printing uses a light source to 

polymerize a liquid resin into a solid object. It can offer higher spatial resolution and cell viability 

over extrusion-based printing [26]. Thus, developing new bioprinting technologies for light-based 

printing is essential to advance the field of bioprinting.  

This paper describes the formulation steps for calcium peroxide addition to a hydrogel as 

an oxygen-releasing compound for light-based 3D hydrogel printing. Calcium peroxide particles 

significantly change the photopolymerization rate of the resin by scattering and absorbing light, 

degrading the monomer, and releasing oxygen. First, we systematically varied the concentration 

of CPO particles in the resin and investigated how light scattering through CPO particles affected 

the cure-depth. Systematical addition of CPO to the resin revealed that CPO particles significantly 

scatter light and decrease the cure-depth. Then, we systematically varied CPO concentration to 

assess hydrogen peroxide's effect on the printability of PEG-DA based resin. We show PEG-DA 
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degrades in the presence of hydrogen peroxide. Systematical measurement of cure depth revealed 

the hydrogen peroxide's effect on the printability. FTIR measurements were performed to reveal 

PEG-DA degradation mechanism at the molecular level. Then, catalase was incorporated into the 

CPO added resin to demonstrate catalase's efficiency for protecting PEG-DA from degradation by 

preventing hydrogen peroxide accumulation. Further, we showed the addition of CPO and catalase 

might cause hydrogel resin to over-saturate with oxygen. This meta state can cause free radical 

inhibition and temporarily reduce the cure depth. Finally, we have 3D printed E. coli entrapped 

hydrogel using CPO-loaded liquid resin to demonstrate CPO's effect on improving cell viability. 

Background 

Light-based 3D printing techniques use light to induce photopolymerization and 

solidification of liquid resins. 3D objects are built from multiple 2D layers [27, 28]. To create each 

layer, a thin film of resin is illuminated by light, and sequential layers are added to the printed 

object by stepwise movement of a printhead [28]. This process is repeated until the object is 

completed (Fig. 4.1a). Light exposure is typically achieved by rastering a single focused laser 

beam (i.e. "stereolithography" (SLA)) [17], or by projection of a spatial pattern (i.e. "digital light 

processing" (DLP)) [29]. Photopolymerization occurs through the initiation and transfer of free 

radicals from an initiator molecule [30]. Initiation is achieved by a photoinitiator molecule, which 

absorbs light of a particular wavelength and forms reactive species containing free radicals. These 

free radical species then react with monomer species and initiate a chain reaction in which low 

molecular weight monomers react and transfer the reactive free radicals to each other. The reaction 

is terminated when free radicals react with one another or become topologically constrained [31].  
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Figure 4.1. Light-based stereolithographic 3D bioprinting of hydrogels containing calcium 

peroxide (CPO) particles. (A) Illustration of a stereolithography (SLA) 3D printer. A hydrogel is 

printed layer-by-layer by photopolymerization of a liquid resin (yellow) upon exposure to a laser 

light. The print head moves upwards in the z-direction to make room for each new layer. (B) 

Comparison of optical properties of two PEG-DA-based hydrogel resins. Left vial: standard resin. 

Right vial: standard resin with 0.5 wt% CPO particles added. The CPO particles scatter light. 

To formulate a resin for light-based 3D printing, a critical parameter to understand and 

control is the depth at which light penetrating into the liquid resin can induce solidification [32]. 

This is referred to as the cure depth, 𝐶d. This length scale is important for ensuring layer-to-layer 

adhesion, which requires that 𝐶d be equal to or larger than the print head's axial movement 𝑙z. 

Control over 𝐶d is also required to print objects with high spatial resolution [17]. The cure depth 

is a function of light exposure 𝐸0, the concentration of components that induce 

photopolymerization, and the concentration of resin components that attenuate the light. To 

quantify 𝐶d, one must systematically vary both 𝐸0 and the concentrations of the different resin 

components [32-34].  

Components added to the resin to attenuate light are referred to as photoblockers [17]. In 

most light-based print resins, these are molecular compounds that absorb light at the wavelength 
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of interest. For example, tartrazine is yellow azo dye with strong absorbance at 405 nm, and 

commonly used in light-based 3D printing [28, 35]. These compounds are typically dissolved in 

the resin. Colloidal-scale particles dispersed in the resin can also act as photoblockers, where the 

attenuation of light can be due to absorption or scattering [36-38]. Perhaps the most extreme 

example of light attenuation by colloidal particles is in light-based 3D printing of ceramics [39]. 

These resin formulations contain colloidal particles (d < 2.5 μm) at very high concentrations 

approaching the packing limit. Colloidal particles have also been incorporated into 3D print resins 

at lower concentrations to enhance mechanical properties and achieve electrically conductive 

structures [40-44]. For any light-based printing resin containing particles, their impact on Cd must 

be characterized. 

Calcium peroxide (CPO) is the insoluble peroxide salt of Ca2+. When CPO particles are 

dispersed in water, CPO decomposes into oxygen and hydrogen peroxide as following [45]:  

 

2H2O2 →  O2 + 2H2O   

CPO is widely used in wastewater and soil treatment for removing the contaminants by 

generating free radical containing species [46, 47]. In the last decade, CPO has been used in tissue 

engineering applications to temporarily provide oxygen [23, 48]. More recently, CPO-loaded 

hydrogels were 3D printed using an extrusion-based 3D printer, and its contribution for 

mammalian cell viability were evaluated [24, 49]. In applications containing living cells, CPO 

must be added judiciously as hydrogen peroxide is cytotoxic [50]. Moreover, in the presence of 

light and ferrous compounds, hydrogen peroxide decomposes to produce highly reactive hydroxyl 

radicals [51]. In tissue engineering applications, these effects are typically mitigated by 

CaO2(s) + 2H2O → Ca(OH)2 +  H2O2 
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incorporating catalase, an enzyme that catalyzes the decomposition of hydrogen peroxide into 

water and oxygen [52]. Catalase reaches its maximum enzyme activity at concentrations of 100 

U/mL, and this concentration is widely used for the tissue engineering applications [24, 53, 54]. 

Catalase can be included in the print resin prior to photopolymerization; however, this can cause 

enzyme degradation and loss of activity [52]. To avoid this, catalase can alternatively be imbibed 

into the gel after photopolymerization. Here, we focus first on the printability of CPO containing 

resins without catalase, and later on the impact of catalase addition to the resin. 

Results & Discussion 

To determine the effect of CPO particles on cure depth, we add CPO to a well-characterized 

hydrogel resin (poly(ethylene glycol) diacrylate (PEG-DA); see Methods) and systematically 

measure Cd as a function of 𝐸0 and CPO particle concentration, CCPO. For tissue engineering 

applications, CCPO = 0.5 wt% is commonly used, and CCPO  ≥ 1 wt% is cytotoxic for mammalian 

cells [24]; however, culturing of microbial cells and other applications such as wastewater and soil 

treatment may require CCPO > 1 wt% [55]. Thus, we vary CCPO over the range 0 wt% ≤ CCPO ≤ 2.5 

wt%. We vary 𝐸0 over the range 250 mJ/cm2 ≤ 𝐸0 ≤ 1300 mJ/cm2. For each condition, we cure a 

single-layer, square (12 mm × 12 mm) hydrogel film (Fig. 4.2a) and measure the thickness of the 

film using optical coherence tomography (OCT) (Fig. 4.2b) (see Methods). Particle-free resin 

formulations containing traditional photoblockers are commonly fit by the expression 𝐶d =

𝐷p ln
𝐸0

𝐸c
, where 𝐷p is the characteristic attenuation length and 𝐸c is the minimum light exposure 

required for polymerization [17]. We find that for each CCPO condition, a plot of  𝐶d as a function 
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of 𝐸0 is fit well by this expression; plotting 𝐶d as a function of 𝐸0 on a linear-log scale provides a 

straight line with a slope of 𝐷p and an x-intercept corresponding to 𝐸c (Fig. 4.2c).  

For traditional light absorbing photoblockers, 𝐷p should be function of 1/C, where C is the 

photoblocker concentration [23]. This relationship is based on the Beer-Lambert law and is 

characteristic of photoblockers that act by absorbing light [56]. For colloidal CPO we observe no 

dependence of 𝐷p on CCPO over the range 0 wt% ≤ CCPO ≤ 1 wt% (Fig. 4.2d). This indicates that 

CPO does not significantly absorb the excitation light. Intriguingly, between CCPO = 1.0 and 2.5 

wt%, we observe a dramatic drop in 𝐷p. While the physical basis for this behavior is unclear, it is 

consistent with the onset of multiple scattering and the concurrent decrease in the light mean free 

path which occurs with increasing particle concentration [57]. We observe a similar transition for 

𝐸c in the range 1.0 wt% ≤ CCPO ≤ 2.5 wt%. For traditional light absorbing photoblockers, 𝐸c 

increases proportionally with C. For colloidal CPO, we find a linear relationship for 0 wt% ≤ CCPO 

≤ 1 wt% (Fig. 4.2e) and report a dramatic drop in 𝐸c between CCPO = 1.0 and 2.5 wt%. We 

hypothesize that the decrease in the mean free path of the excitation light results in local 

confinement of the light, and therefore an effective increase in 𝐸0. Models of cure depth for 

concentrated colloidal suspensions (> 10 wt%) have been developed for light-based printing of 

ceramics; however, these models do not appear to be appropriate in the dilute to semi-dilute 

particle range explored here (see Supplemental) [36-39]. Thus, further investigation is warranted. 
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Figure 4.2. Impact of CPO particles on cure depth of photopolymerizable PEG-based hydrogel 

resin. (A) Photograph of a square single-cure layer hydrogel. (B) Optical coherence tomography 

(OCT) image of the single layer hydrogel film in (A) used to determine the single layer cure depth 

𝑪𝐝. (C) Cd plotted as a function of light exposure, 𝑬𝟎 for different calcium peroxide concentrations. 

(𝑪𝐂𝐏𝐎= 0.1 (●), 0.25 (▲), 0.50 (■), 1.0 (▼), and 2.5 (♦) wt%). 𝑪𝐂𝐏𝐎= 0 data (not shown) overlaps 

closely with 𝑪𝐂𝐏𝐎= 0.1. Straight lines are fits to 𝑪𝐝 = 𝑫𝒑 𝐥𝐧
𝑬𝟎

𝑬𝒄
 (𝐑𝟐 = 0.976, 0.978, 0.948, 0.960, 

and 0.608, respectively). (D) 𝑫𝐩 plotted as a function of 1/𝑪𝐂𝐏𝐎. Gray dashed line represents 𝑫𝐩 

for 𝑪𝐂𝐏𝐎= 0. (E) Critical exposure, 𝑬𝒄 plotted as a function of 𝑪𝑪𝑷𝑶. Critical exposure, 𝑬𝐜 plotted 

as a function of 𝑪𝐂𝐏𝐎. Black line is linear fit to all but the highest 𝑪𝐂𝐏𝐎 (𝐑𝟐 = 0.996). Scale bars in 

(A) and (B) correspond to 2 cm and 200 μm, respectively. 

For most CPO-laden hydrogel applications, CPO particles have been shown to dissolve 

and decompose in less than one week [24]; thus, CPO should be added to the print resin just before 

printing. To explore the printability of our resins after CPO addition, we fix 𝐸0 = 800 mJ/cm2, and 



106 

 

measure single-layer 𝐶d as a function time for CCPO over the range 0.1 wt% < CCPO < 2.0 wt%. For 

all CCPO, we observe a period of time during which 𝐶d does not change followed by dramatic drop 

in 𝐶d where 𝐶d → 0 in a short period of time. We observe that the time 𝐶d begins to drop, 𝑡c 

increases with increasing CCPO, and that CCPO < 0.175 wt% does not degrade even weeks after CPO 

addition (data not shown). This indicates that there is a minimum CCPO related to resin degradation, 

below which the resin does not degrade. The reason for the delay in 𝐶d decrease for CCPO > 0.175 

wt% is due to by-products of CPO that degrade the resin cannot be generated in high enough 

concentrations for early time points. Then, once the concentration of CPO by-products is high 

enough, we observe a sharp decrease. Plotting 𝑡c as a function of CCPO, we find that the data is fit 

well by an exponential decay (Fig. 4.3b).To determine which resin component is being degraded, 

we add photoinitiator, LAP and monomer, PEG-DA to resins immediately following degradation 

to test for recovery. We find that the addition of only LAP and PEG-DA does not recover 

printability. However, the addition of PEG-DA with 100 U/mL catalase does recover printability 

(see Methods). These results indicate that PEG-DA is being degraded by consequence of H2O2 

accumulation.  

Degradation of the resin should affect the mechanical properties of the printed gel [58]. To 

investigate this, we prepare a resin containing CCPO = 1.0 wt%, and print circular disk-shaped 

hydrogels using 𝐸0 = 1000 mJ/cm2 periodically for 19 h. For each time point, we load the printed 

hydrogel disk onto a mechanical rheometer and measure the small amplitude, shear storage 

modulus G' as a function of oscillation frequency ω. G' here is related to the shape recovery and 

elasticity of the polymer during loading. G' is relatively independent of ω, so we pick G' at ω = 10 

rad/s. For early times, we measure G' ≈ 4 kPa, which does not change over the range 0 h ≤ t ≤ 3.5 
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h.  At 𝑡 ≈ 3.5 hours, G' begins to drop, approaching G' ≈ 0.2 kPa at 20 h, at which time it becomes 

unprintable (Fig. 4.3c). The time associated with the onset of the drop in G'  (𝑡 ≈ 3.5 h) is consistent 

with the critical time associated with the onset of decreasing Cd (𝑡c ≈ 4 h) for CCPO = 1.0 wt% (Fig. 

4.3b). To understand the impact of degradation on the gel microstructure, we consider the 

following relationship: 𝐺′ ≈  
𝑘𝑇

𝑙3 , where k is the Boltzmann constant, T is temperature and 𝑙 is the 

approximate distance between polymer crosslinks [59]. Rearranging this expression provides 𝑙 ≈

(
𝑘𝑇

𝐺′)1/3. Calculating and plotting as a function of time, we find that 𝑙 increases from 10 nm to 20 

nm over the course of the experiment (Fig. 4.3c). These observations are consistent with the drop 

in 𝐺′ and increase in 𝑙 observed when the mass fraction of polymer in a gel is decreased [60, 61]. 

To determine, which region of the PEG-DA is degraded, we print a hydrogel containing CCPO = 

1.0 wt%, and measure G' for 24 hours. We observe no significant change in G' as a function of 

time (Supplemental), which would indicate polymer degradation. This suggests that the diacrylate 

groups are involved in the degradation, rather than the PEG backbone.   
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Figure 4.3. PEG-DA degradation resulting from calcium peroxide decomposition. (A) Single-

layer cure depth, 𝑪𝒅 as a function of time for the aqueous PEG-DA/LAP resins contain various 

calcium peroxide concentrations (𝑪𝑪𝑷𝑶= 0.1 (●), 0.175 (◺), 0.25 (●), 0.3125 (△), 0.375 (■), 0.50 

(■), 1.0 (▼), 1.5(✙), and 2.5 (♦) wt%). (B) Critical time associated with drop in the cure depth 𝒕𝒄 , 

determined from the plot in (A) and plotted as a function of 𝑪𝐂𝐏𝐎. Line is fit to a power law (𝐑𝟐 = 

0.885). (C) Plot of storage modulus 𝑮′(●) as a function of time for a hydrogel with CCPO = 1.0 

wt%. The drop in 𝑮′at t ≈ 3.5 h is consistent with 𝒕𝐜 ≈ 4 h for the same formulation in (A). Distance 

between polymer crosslinks, l (■) in the gel determined using: 𝒍 ≈ (
𝒌𝑻

𝑮′ )
𝟏/𝟑. 
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To gain insight into the mechanism by which PEG-DA is being degraded, we use Fourier 

transform infrared spectroscopy (FTIR). This is an analytical technique that provides information 

regarding molecular structure [62]. Water is strongly absorbing in the IR region, so we dry the 

aqueous resin on IR transparent windows before measuring the IR spectra (Methods). We begin 

by comparing the FTIR spectra of the PEG-DA liquid resin with and without CPO particles (CCPO 

= 2.0 wt%). We find that CPO particles do not absorb strongly in IR at t = 0 (Fig. 4.4a). However, 

over time we observe the emergence of a strong absorbance band at wavenumber, υ ≈ 1560 cm-1, 

which is consistent with asymmetric stretching of COO− in the acrylate (CH2 = CHCOO−) (Fig 

4.4b). This is consistent with cleavage of the C-O acrylate ester linkage between the acrylate and 

the polymer backbone, indicated by the arrow in Fig. 4b. Cleavage of this bond should also result 

in a concurrent decrease in the C-O absorbance at υ ≈ 1200 cm-1; however, this stretch is in the IR 

fingerprint region, and drawing quantitative conclusions in this region is difficult. To capture the 

time-dependance of the peak at υ ≈ 1560 cm-1 we plot the normalized intensity of the peak as a 

function time, and show the intensity of the peak increases over time (Fig. 4.4c). This reaction 

mechanism is consistent with our observation that PEG-DA is degraded before gelation, but not 

after gelation. Crosslinked PEG-DA based hydrogels consist of long repeating units in the polymer 

backbone, which determines hydrogels mechanical integrity. Diacrylate is the part of the PEG-DA 

responsible from monomer propagation during photopolymerization. Therefore, any modification 

in the acrylate group after PEG-DA is crosslinked, does not significantly alter the mechanical 

properties of the hydrogel (Supplemental). Researchers previously investigated PEG-DA 

molecule’s susceptibility for oxidative degradation, and confirmed our findings for hydrolysis of 

the acrylate esters in the presence of reactive oxygen intermediates (ROIs) produced by H2O2 
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decomposition [58, 63, 64]. Our results indicate that the addition of CPO to PEG-DA resins results 

in degradation of the resin monomer, and that care must be taken to limit the time between CPO 

addition and photopolymerization.  

 

Figure 4.4. FTIR spectra of PEG-DA based resin reveals changes in the chemical structure of 

PEG-DA upon exposure to CPO particles. (A) FTIR spectra (500 𝐜𝐦−𝟏 ≤ υ ≤ 4000 𝐜𝐦−𝟏) of 

PEG-DA based aqueous resin before addition of CPO particles. (B) FTIR spectra (1500 𝐜𝐦−𝟏 ≤ υ 

≤ 1700 𝐜𝐦−𝟏) of PEG-DA based aqueous resin after addition of CPO particles. (t = 0 (black), 0.5h 

(navy blue), 1h (red), 1.5h (green), 2.3h (orange), 4.5h (purple), 6.8h (cyan)). Wavenumber, υ ≈ 

1560 𝐜𝐦−𝟏 shows the emergence of a peak corresponding to asymmetric stretching of 𝐂𝐎𝐎− 

associated with a free acrylate anion suggesting cleavage of the ester linkage between the monomer 

backbone and acrylate (indicated on one side with red arrow). (C) Normalized peaks intensity 

values from (B) plotted as a function of time reveal the time-dependence of the peak growth. 
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To investigate the effect of catalase on resin printability for CPO-loaded resins, we use 

catalase at 100 U/mL and systematically measure 𝐶d as a function of time for CCPO in the range 

0.1 wt% < CCPO < 2.0 wt%. Surprisingly, we find that, immediately after catalase addition the 

resins are unprintable or print with a very low 𝐶d (Fig. 4.5a). Over a period of several hours, 𝐶d 

increases until it reaches a 𝐶d comparable to that of catalase free resin formulations (Fig. 4.3a). At 

long times, we find that 𝐶d drops and the resin becomes unprintable, presumably due to the same 

degradation mechanism observed in catalase-free resins (Fig. 4.3a). However, tc associated with 

resin degradation for catalase containing resins is approximately twice as long as that for catalase-

free resins. (Fig. 4.5b). This protective effect is likely due to the conversion of hydrogen peroxide 

to water and oxygen [65].  

Oxygen is a known free radical scavenger, and has been shown to inhibit free radical 

photopolymerization, changing 𝐶d significantly  [32, 66, 67]. To test if the loss of printability 

associated with catalase addition could be due to the rapid conversion of hydrogen peroxide to 

oxygen by catalase, we use an oxygen probe to measure DO in the resin as a function of time for 

resins with and without catalase. For resin without catalase we observe that upon addition of CPO 

(CCPO = 0.1), DO increases, reaching a peak at DO ≈ 13 mg/L in less than 30 minutes before starting 

to decline. For the same resin conditions with catalase added, we observe that DO rises even 

higher, reaching a peak DO ≈ 19 mg/L in an equivalent time period (Fig. 4.5c). This difference in 

oxygen concentration is likely due to rapid conversion of hydrogen peroxide to oxygen by catalase. 

These DO values are above the oxygen saturation of the liquid-resin (DO ≈ 9.6 mg/L). Therefore, 

after the peak, CPO cannot generate enough to keep the DO at that level anymore and DO 

decreases until the resins oxygen saturation point. After 21 hours, we observe both samples reach 
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to oxygen saturation. Our data indicate that the addition of catalase results in a higher DO than 

CPO alone; thus, it is likely oxygen is playing a role in the inhibition of photopolymerization. 

Here, we use CCPO = 0.1, because higher CCPO results in DO > 20 mg/L, which is above the upper 

limit measurable with our oxygen probe. To further investigate this, we have purchased an oxygen 

probe with a larger measurable upper limit in DO. Thus, future research will be performed to 

measure the DO for varying CCPO and its effect on printability. 

 
Figure 4.5. Impact of catalase addition on the printability of CPO-loaded resins. (A) Single layer 

cure depth, 𝑪𝒅 as a function of time for PEG-DA/LAP aqueous formulation with different calcium 

peroxide concentrations (0.1 (●), 0.5 (■), 1.0 (▼), and 2.0 (♦)). (B) Critical time associated with 

drop in the cure depth 𝒕𝒄 plotted as a function of 𝑪𝐂𝐏𝐎 for resins with (■) and without (●) the 

addition of 100 U/mL. 𝒕𝒄 values for resin without catalase taken from Figure 4.3b. Fits are to a 

power law (𝐑𝟐 = 0.948 and 0.886, respectively). (C) Dissolved oxygen (DO) in the PEG-DA/LAP 

aqueous formulation, plotted as a function time for resins without CPO or catalase (●), CCPO = 0.1 

wt% and no catalase (♦), and CCPO = 0.1 wt% and 100 U/mL catalase (■). 
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Finally, to demonstrate the  benefit of CPO particles on cell viability, we 3D-print a 

hydrogel cube (5 mm × 5 mm × 5 mm) containing Escherichia coli (pMF230; constitutively 

expressing GFP), using CCPO = 0 and 0.5 wt% resins (Fig. 4.5a). We store the hydrogel in a shaking 

incubator at 37 °C, immersed in LB media containing 100 µg mL-1 of both ampicillin and catalase. 

After 24 h, we cross-section the hydrogel and apply propidium iodide to stain the membrane 

compromised cells. In this study, we use propidium iodide as a dead cell indicator (See Methods). 

Then, we image the both GFP and propidium iodide intensity with fluorescent confocal 

microscopy. We investigate the GFP and propidium iodide signal for both conditions (CCPO = 0 

and 0.5 wt%). We find that that for the hydrogel with CCPO = 0 wt% GFP signal decreases and 

propidium iodide signal increases over 24 h of growth (Fig. 4.5b). On the other hand, hydrogel 

with CCPO = 0.5 wt% shows a higher GFP and lower propidium iodide signal over 24 h of growth 

(Fig. 4.5c). This indicates that 0.5 wt% CPO provided oxygen for cells, resulting better overall 

microbial growth and cell viability compared to the hydrogel with no CPO. 
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Figure 4.6. 3D printed bacteria-laden hydrogels with and without CPO. (A) Representative 

picture of an E. coli laden hydrogel bonded to a glass slide on the 3D printer print head. (B) 

Fluorescent confocal microscopy cross-sectional images of calcium peroxide free gel, containing 

E. coli (pMF230; constitutive GFP) growth for 24 hours. Red colored propidium iodide stain is 

used as a dead cell indicator. Bar graph shows the change in the average green and red fluorescence 

intensity, I for both time points. (C) Fluorescent confocal microscopy cross-sectional images of 

gel containing 0.5 wt% calcium peroxide and E. coli (pMF230) growth for 24 hours. Scale bar in 

(A) corresponds to 5 mm, (B) and (C) correspond to 50 μm. 
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The CPO-loaded resin presented here can be expanded and improved in various ways. 

Here, we used CPO as an oxygen-releasing compound and investigated its effect on printability 

for PEG-DA based resin for light-based 3D printing. However, additional oxygen releasing 

materials including, magnesium peroxide, sodium percarbonate, and fluorinated materials, and 

their effects on various polymers such as gelatin methacrylate (GelMA), alginate, hydroxyethyl 

methacrylate (HEMA), and Poly(N-isopropylacrylamide) (PNiPAAm) can be investigated. We 

find that CPO particles in this work sediment in a couple of minutes (t ≈ 10 minutes). This is 

problematic for printing large hydrogels that require longer print times. Hydrogels in this work are 

printed within 𝑡max  ≈ 3 minutes, and single-layers are printed within 𝑡max ≈ 1.5 minutes. We find 

that sedimentation of CPO is negligible for short prints, where, t < 3 minutes. For longer prints, 

increasing the viscosity of the resin might delay the particle sedimentation. We have briefly 

investigated addition of the viscosity-increasing compound, methylcellulose (4000 cP, Sigma-

Aldrich) [68]. We have found that the addition of a small amount of methylcellulose (c ≈ 0.5 wt%) 

can significantly delay the CPO particle sedimentation (data not shown). Stokes Law can be used 

to estimate the particle sedimentation time for liquid resins with different viscosities [69]. H2O2 

can also photolyze and produce hydroxyl radicals, which is known to degrade various monomers 

[63, 64, 70]. Photolysis of  H2O2 is effective at the wavelength range relevant to light-based 

printing  (365 nm < λ < 405 nm) [71, 72]. Further research is needed to investigate the effect of 

3D printers light source on the photolysis of H2O2. In addition, H2O2 can also be cleaved into 

hydroxyl radicals through chemical reactions in the presence of transition metals such as ferrous 

compounds [73]. Caution needs to be taken when formulating with the resin components 

containing potential oxidizing agents. Additionally, effective hydrogen peroxide concentration 
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required for PEG-DA degradation can be quantified using analytical methods like HPLC (high 

performance liquid chromatography). 

Conclusion 

Here we present the formulation steps for calcium peroxide particle addition as an oxygen releasing 

compound for light-based 3D hydrogel printing. We characterize calcium peroxide particles' both 

light scattering and polymer degradation effect in the liquid resin. We demonstrate addition of 

catalase can protect the polymer from degradation by avoiding the accumulation of the H2O2. 

Lastly, we show that calcium peroxide's addition increases viability of E. coli in hydrogel by 

oxygenating the hydrogel's hypoxic zones. This study shows that the effect of calcium peroxide 

incorporation on hydrogel's printability can be characterized, and its harmful effects can be 

minimized. This study might enable the use of cell-encapsulated hydrogel applications by 

enhancing oxygen availability using a minimally invasive method.  
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Methods 

Chemicals 

All chemicals were used without modification or purification: polyethylene glycol 

diacrylate (PEG-DA, MW 700; Sigma-Aldrich), lithium phenyl-2,4,6-

trimethylbenzoylphosphinate (LAP; Sigma-Aldrich), tartrazine (Fisher Scientific), Bind-Silane 

(GE Healthcare, 17-1330-01), calcium peroxide (200 mesh; Sigma-Aldrich), catalase (bovine 

liver, 2000-5000 units mg-1 protein; Sigma-Aldrich), sodium chloride (molecular biology grade; 

Sigma-Aldrich), and propidium iodide (LIVE/DEAD® BacLight™; Thermo Fisher). 

Resin formulation 

Our hydrogel resin formulation consists of 89.4 wt% saline water (0.1 M NaCl), 10 wt% 

PEG-DA, 0.1 wt% LAP, and 0.5 wt% tartrazine. NaCl is a component of all media formulations 

and is widely used in tissue engineering and molecular biology to provide the proper osmolality 

for cells [74]. Other media and buffer solutions such as lysogeny broth (LB), tryptic soy broth 

(TSB), phosphate-buffered saline (PBS), and HEPES buffer were tested; however, many of the 

media components consist of various compounds that absorb and scatter light. Thus,  using media 

or buffer solutions as a solvent adversely affect photopolymerization rate. In addition, some salts 

like phosphate increase CPO’s aggregation and sedimentation rate in the resin [75]. PEG-DA is a 

photopolymerizable gel monomer commonly used in light-based bioprinting to create 

noncytotoxic, mechanically stable hydrogels [76]. LAP is a widely used cytocompatible 

photoinitiator that can be activated with λ = 405 nm light [77]. Tartrazine was chosen as a 

noncytotoxic, water-soluble photoblocker [17, 31]. To ensure printing of thin, high-resolution 

layers, the tartrazine concentration was kept constant at 0.5 wt% for all experiments. Since CPO 
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reacts with water, it was added just before printing. Catalase was used at a concentration of 100 U 

mL-1 as this is close to that of catalase in mammalian blood and is the standard concentration used 

in tissue engineering applications [54]. For each experiment, 20 to 50 mL of fresh resin solution 

was prepared.  

SLA Printer  

A Form 1+ (Formlabs; Somerville, MA) SLA 3D printer was used to create the hydrogels. 

This printer has the following specifications: laser wavelength, λ = 405 nm; laser beam diameter, 

d = 0.16 mm; maximum laser power, Pmax = 62 mW; minimum z-axis motor movement, 

zd = 2.5 μm; and minimum print volume of 100 mL. For this work, a smaller volume tray was 

required for hydrogel prints; thus, a custom-made tray (7.5 cm  ×  2.5 cm  ×  10.0 cm) was designed 

and 3D printed using a Form 3 printer as follows. A 3D printed bottomless tray was bonded to a 

laser-cut clear cast acrylic plate (McMaster-Carr, thickness, h = 4.5 mm) with silicone adhesive 

(Sil-Poxy). PDMS was poured into the tray and cured to replicate the Form 1+ OEM resin tray. A 

custom-designed 3D printer tray (17.3 cm × 19.3 cm) was inserted into the Form 1+ tray slot with 

a minimum working volume of 5 mL. A custom-designed printhead was also used. A glass 

microscopy slide (Fisherbrand Colorfrost, 25 mm × 75 mm × 1 mm) was silanized for better 

hydrogel attachment, then glued to the custom-made printhead using an epoxy adhesive (Gorilla 

Epoxy). Single-layer hydrogels did not adhere to the PDMS-coated tray; thus, PDMS-free single-

layer cups were made by bonding a silanized glass slide to the bottom of small bottomless Petri 

dishes (d = 35 mm).  
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Print head silanation 

Microscopy glass slides (Fisherbrand Colorfrost, 25 mm × 75 mm × 1 mm) were silanized 

in a Bind-silane solution to enhance the attachment of the hydrogel to the printhead. Here, glass 

slides were submerged in a 2.0 vol% solution of Bind-Silane (GE Healthcare, 17-1330-01) in pure 

ethanol for five minutes. Then, glass slides were dried at 100 °C for five minutes. This is a 

commonly used protocol for increasing the attachment of hydrogels to a glass surface [78]. 

3D printing of hydrogels  

Hydrogels used in this work were designed using CAD software (Autodesk, Fusion 360). 

After resin mixing, the resin was poured into the 3D printer tray or single layer cup. Desired light 

exposure settings were calculated based on the photoblocker concentration and CCPO, and the laser 

profile was adjusted using the Open FL software. After 3D printing was completed, crosslinked 

hydrogels were either taken to the OCT for the Cd measurements or rheometer for storage modulus, 

G' measurements. 

OCT measurements  

Hydrogel single-layer thickness, Cd was measured using optical coherence tomography 

(Ganymade™ OCT Imaging System, Thorlabs). 2D scan (B-scan) mode was used to find the 

average gel thickness. For this, the upper and lower thickness limit of the crosslinked single layer 

of hydrogel were averaged. The upper and lower values that were deviated from the average were 

added as error bars.  

  



120 

 

Exposure calculations 

Form 1+ Open FL software was used to control laser properties including laser power, laser 

speed, line spacing to set the desired laser incident exposure, E0. The average incident exposure 

was calculated using the following form: 𝐸0 =
𝑃𝑁

𝑆𝑣
 [32]. Where, P is the laser power, N is the 

number of exposures per layer, S is the scanline spacing, and v is the laser velocity. A 

representative calculation is detailed in the Supplemental. 

Dissolved oxygen measurements 

Dissolved oxygen, DO in the liquid resin was measured using a dissolved oxygen meter 

(Hach, HQ40D). For this, liquid resin solution was mixed and the oxygen probe submerged into 

the liquid resin. DO was recorded after the after the probe was stabilized. 

FTIR Measurements  

An FTIR spectrophotometer (BRUKER Vertex 70) was used for absorbance 

measurements. Here, the CPO-loaded PEG-DA resin tube was mixed well before sampling, and a 

few mL of resin filtered to remove CPO particles from the polymer solution. For this, a syringe 

filter (pore size = 0.45 µm, Millex-HV; Sigma Aldrich) was used. Then, 2.5 µL of the resin filtrate 

was pipetted on the FTIR crystal (ZnSe). The filtrate was air-dried for 15 minutes to remove water. 

The crystal was then loaded to the sample chamber. FTIR measurements were collected with the 

following parameters (resolution = 2 cm-1; averaged run = 16; wavenumber range: 500 cm−1 < υ 

< 4000 cm−1). 
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Cure-Depth Recovery Upon PEG-DA Addition  

For CPO-loaded resin, decrease in Cd  was used to investigate PEG-DA degradation. Upon 

5 h of polymer degradation, resin with CCPO = 0.5 became unprintable with 𝐶d → 0. After 24 h, 

we added PEG-DA and LAP, separately to this resin and observed no change in Cd. Then we added 

both 100 U/mL catalase and the same amount of PEG-DA. This time, we observed a recovery in 

Cd, comparable to the values shown in Fig. 4.3a. 

Rheometry and storage modulus measurements 

A mechanical rheometer (TA Instruments AR-G2) was used to perform time oscillation by 

applying a small oscillation at a low frequency (ω = 1.5 Hz, γ = 0.02) for 3 minutes to measure the 

storage modulus (G') of the hydrogel sample. This measurement was performed using coin-shaped, 

CPO-loaded 3D printed hydrogels (sample thickness, h = 3 mm; sample diameter, Ds = 20 mm) 

using a parallel plate geometry (plate diameter, Dp = 20 mm).  

Growth and Imaging of 3D printed bacteria  

Escherichia coli (pMF230) was cultured overnight in liquid lysogeny broth (LB) media 

containing ampicillin (100 µg mL-1). Then, planktonic bacteria that will result in final 

concentration of approximately 109 CFU/mL were added to the bioink resin before printing. 3D 

printed hydrogels were stored in a shaking incubator at 37 °C, immersed in LB media containing 

100 µg mL-1 of both ampicillin and catalase. This strain constitutively expresses green fluorescent 

protein (GFP) and we assessed cell growth in the hydrogel using this GFP signal. Additionally, 

dilute propidium iodide stain (1 μg/mL) was applied on the top surface of the half-sectioned cube-

shaped (5 mm × 5 mm × 5 mm) hydrogel containing E. coli. Propidium iodide is a red-emitting 

fluorescent stain (λmax = 636 nm) that stains the membrane compromised cells by binding to DNA. 



122 

 

Thus, it is widely used as a "dead cell" indicator [79]. The half cross-sectioned gel was left in the 

37 oC incubator for 15 minutes to let the propidium iodide stain the cells. After, hydrogel was 

imaged using a fluorescent confocal microscope (Leica SP5; 10× air objective) (Fig. 4.6).  
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Supplementary Information 

Ceramic-suspension model 

Previously, the effect of small-size ceramic particles (0.34 < d < 2.29 μm) on 𝐶𝑑 were 

investigated for light-based printing and ceramic-suspension curing model was derived: 𝐶𝑑 =

(
𝑛0

𝑛𝑝−𝑛0
)2 𝜆2

𝑑
ln (

𝐸0

𝐸𝑐
) 

1

𝜑 
. Where d is the average particle diameter, φ is the particle volume fraction, 

𝜆 is the wavelength of the light, 𝑛0 and 𝑛𝑝 are the refractive indexes of the resin and the particles, 

respectively. Ceramic-suspension model is more accurate for predicting 𝐶𝑑 for concentrated 

ceramic suspensions higher than 10 wt%, with a small diameter (d < 2 μm), where scattering 

dominates the curing behavior and particle size is comparable to the wavelength of light. CPO 

particles used in this work are relatively large and polydisperse (d = 5-50 μm), and CPO-loaded 

resin solution is a dilute suspension with concentration of CPO is less than 2.5 wt%. In addition, 

CPO particles in this work are absorbing light at 405 nm. Therefore, CPO particle loaded resins 

are not dominated by either scattering or absorption. Thus, dilute particle-loaded resin here show 

a different light-scattering profile than the ceramic-suspension model. Future research is needed 

to derive a more accurate model to predict 𝐶𝑑 for dilute-suspension resins. 

pH of CPO-added resins 

Dissolution of CPO is known to increase the pH of the environment. To test this, we added 

CPO (0.5 wt% < CCPO < 2.0 wt%) to the liquid resin and measured the increase in the pH using a 

pH probe (Accumet pH/temperature electrode, Fisher Scientific). We observed pH of the resin 

rapidly increased from pH ≈ 5 to pH ≈ 11 (S.I Fig. 4.2). Then pH of the solution slightly decreased 

over the course of 12 hours. This rapid increase can be explained by the rapid dissolution of CPO 

to calcium hydroxide and hydroxyl ions. This effect can be mitigated by using strong pH buffers 

such as HEPES buffer.  

CPO toxicity in a batch culture 

To test the CPO toxicity on cells, we incorporated CPO (0.1 wt% < CCPO < 10 wt%) to 

Pseudomonas aeruginosa inoculated TSB media. To assess the potential cell viability, we 
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periodically measured the absorbance of the culture. We found that CCPO > 1.0 wt% showed a 

significant drop in the cell viability and CCPO > 5 wt% did not show increase in absorbance after 1 

hour; thus, there was no clear sign for viable cells for high CCPO (S.I Fig. 4.2). 

Stereomicroscope imaging of CPO-loaded hydrogel 

CPO particles are known to aggregate and sediment in solutions. Here, CPO-loaded 

hydrogel (CCPO = 0.5 wt%) was printed in t = 2.5 minutes. Then hydrogel was half-sectioned, and 

stereomicroscope was used to image the cross-section of the hydrogel. Here, we showed CPO 

particles were vary in size (5 μm < d < 50 μm) (S.I Fig. 4.4a) and distributed evenly in the 3D 

printed hydrogel (S.I Fig. 4.4b). Thus, hydrogels printed under t < 3 min show no sign of particle 

sedimentation in the resin . We observed a significant particle sedimentation for the resins printed 

longer than t > 6 min. 

Exposure Calculations 

The average incident exposure was calculated using the following form: 𝐸0 =
𝑃𝑁

𝑆𝑣
. Where, 

P is the laser power, N is the number of exposures per layer, S is the scanline spacing, and v is 

the laser velocity. To calculate 𝐸0 = 800 mJ/cm2 , we have used P = 54 mW, N = 18, S = 0.09 

mm, and v = 1350 mm/s. Therefore, calculation would be: 

E0 =
(54 mW)∗ 18

(0.09 mm)∗(1350 mm/s)
= 800 mJ/cm2   



125 

 

 

Supplemental Figure 4.1. pH of CPO-loaded liquid resins with various CPO concentrations as 

function of time (0.5 (♦), 1.0 (●), and 2.0 (■) wt%). 
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Supplemental Figure 4.2. Pseudomonas aeruginosa cell viability in tryptic soy broth media with 

various CPO concentrations as function of time (0 (○), 0.1 (●), 0.5 (■), 1 (▼), 5 (+), 10 (♦) wt%). 
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Supplemental Figure 4.3. Storage modulus of crosslinked hydrogel with 𝐶𝐶𝑃𝑂 = 1.0 wt%. 
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Supplemental Figure 4.4. Stereomicroscopy image of polydisperse calcium peroxide particles 

(A) under microscope and (B) in 3D printed hydrogel. Scale bars in (A) and (B) corresponds to 

100 um. 
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Supplemental Figure 4.5. Conversion of PEG-DA monomer to crosslinked PEG-DA chain 

through photopolymerization reaction. 
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CHAPTER FIVE 

CONCLUSION 

The experiments in this dissertation have focused on three distinct experimental studies for 

improving material transport in 3D-printed hydrogels: 1) developing generalized method for light-

based 3D printing of hydrogels containing well-defined, submillimeter-scale channels with any 

orientation, 2) designing a simple and reversible hydrogel connector that is able to allow 

pressurized fluid flow through the 3D printed hydrogel, 3) characterizing light-based 3D printing 

with resins containing oxygen releasing particles. 

In chapter 2, we present a combined experimental and theoretical approach for creating 

well-defined channels with any orientation in hydrogels using light-based 3D printing. This is 

achieved by the incorporation of photoblocker and the optimization of print conditions to ensure 

layer-layer adhesion while minimizing channel occlusion. To demonstrate the value of this 

approach we print hydrogels containing individual spiral channels with centimeter-scale length 

and submillimeter-scale cross-section. While the channels presented here are relatively simple, 

this same approach could be used to achieve more complex channel designs mimicking, for 

example, the complex vasculature of living organisms. We believe that 3D printed channels 

represented here could improve nutrient and oxygen transport through hydrogel by shortening the 

length for molecules that needs to diffuse to reach the cell. Further research is warranted to 

investigate the contribution of channels with varying sizes and shapes to material transport and 

cell viability. 

In chapter 3, we demonstrate a simple coupling approach where microfluidic tubing is 

inserted into a plastic, 3D-printed bulb-shaped connector, which “pops” into a 3D-printed socket 
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in the gel. By systematically varying the dimensions of the connector relative to those of the socket 

entrance, we find an optimal head-socket ratio that provides maximum resistance to leakage and 

expulsion. The resulting connection can withstand liquid pressures on the order of several 

kilopascals, three orders of magnitude greater than traditional, connector-free approaches. We also 

show that two-sided connectors can be used to link multiple hydrogels to one another to build 

complex, reconfigurable hydrogel systems from modular components. We demonstrate the 

potential usefulness of these connectors by established long-term nutrient flow through a 3D-

printed hydrogel device containing bacteria. The simple coupling approach outlined in chapter 3 

will enable a variety of applications in hydrogel fluidics. Pop-it coupling approach can be modified 

and improved in a variety of ways. For example, the shape of the connector and socket could be 

optimized for ease of insertion, for improved seal formation, or to better distribute stress in the 

hydrogel. Here, we use a bulb-shaped connector, but other connector geometries such as screw 

shapes and configurations with different rotational and axial symmetry could be explored. Finally, 

a wide variety of hydrogel formulations could be explored to improve or optimize connector 

performance. Gel mechanical properties could be varied by controlling monomer and crosslinker 

chemistries, molecular weight, gel concentration, and by the addition of filler materials.  

In chapter 4, we present bioink formulation containing calcium peroxide particles as oxygen-

releasing compound for light-based 3D printing. These particles can be used to enhance the oxygen 

availability at the hypoxic zones of the gel and increase overall cell viability. We found that oxygen 

releasing particles cause light scattering and reduces the photopolymerization rate by attenuating 

the incident light going through the resin. This attenuation can be quantified and optimized to 

achieve accurate and predictable curing profile. Then, we showed that reactive oxygen species as 
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by product of the oxygen releasing particles can results in polymer degradation. Finally, we 

demonstrated that, addition of catalase to the resin containing calcium peroxide particles can 

decompose the harmful byproducts of calcium peroxide and help to mitigate the polymer 

degradation. A number of questions remain in this attractive system. First, further research is 

required to delay the sedimentation of particles in the liquid resin. Increasing viscosity of the resin 

is a promising solution that needs to be further investigated. Also, other oxygen releasing particles 

like magnesium peroxide and sodium percarbonate can be investigated for their application light-

based 3D printing.  
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