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Mineralogy of microbially induced
calcium carbonate precipitates
formed using single cell drop‑based
microfluidics
Neerja M. Zambare1,2, Nada Y. Naser1,2,3, Robin Gerlach1,2* & Connie B. Chang1,2*
Microbe-mineral interactions are ubiquitous and can facilitate major biogeochemical reactions that
drive dynamic Earth processes such as rock formation. One example is microbially induced calcium
carbonate precipitation (MICP) in which microbial activity leads to the formation of calcium carbonate
precipitates. A majority of MICP studies have been conducted at the mesoscale but fundamental
questions persist regarding the mechanisms of cell encapsulation and mineral polymorphism. Here,
we are the first to investigate and characterize precipitates on the microscale formed by MICP
starting from single ureolytic E. coli MJK2 cells in 25 µm diameter drops. Mineral precipitation was
observed over time and cells surrounded by calcium carbonate precipitates were observed under
hydrated conditions. Using Raman microspectroscopy, amorphous calcium carbonate (ACC) was
observed first in the drops, followed by vaterite formation. ACC and vaterite remained stable for up to
4 days, possibly due to the presence of organics. The vaterite precipitates exhibited a dense interior
structure with a grainy exterior when examined using electron microscopy. Autofluorescence of these
precipitates was observed possibly indicating the development of a calcite phase. The developed
approach provides an avenue for future investigations surrounding fundamental processes such as
precipitate nucleation on bacteria, microbe-mineral interactions, and polymorph transitions.
Interactions between microbes and minerals are a central aspect of geomicrobiology, with many of these interactions having reciprocal consequences. Mineral formation and dissolution can affect microbial processes such as
nutrient acquisition1, energy generation1, and biofilm structure2; microbial processes can, in turn, affect mineral
formation, transformation, and dissolution1. Numerous geomicrobiological processes in nature involve interactions between bacteria and minerals, such as heavy metal m
 obility3,4, pollutant b
 ioavailability3,4 and sediment
magnetization5. Microbe-mineral interactions (MMI) play a fundamental role in rock formation and weathering1,
acid mine drainage6, and hydrothermal vent formations7. While geomicrobiological processes can be readily
observed at the macroscale, they are driven by cellular and enzymatic reactions that occur at the micro- or even
nanoscale1. Studying microbe-mineral interactions at the single-cell level (micro- to nanoscale) can provide
insight into the underlying mechanisms behind large-scale p
 rocesses8.
One example of MMI is microbially induced calcium carbonate precipitation (MICP), a biomineralization
process that occurs both in nature and in engineered systems as a result of bacterial a ctivity9. MICP can occur
when a metabolic process (such as sulfate or nitrate reduction, urea hydrolysis, or photosynthesis) results in
an increase of pH and alkalinity, raising the saturation state of calcium carbonate ( CaCO3) and causing C
 aCO3
precipitation9 . Equation (1) summarizes the hydrolysis of urea by the enzyme urease. The produced ammonia,
at circumneutral pH, functions as a Brønsted-Lowry base forming ammonium and hydroxyl ions, increasing
the pH (Eq. 2). This increase in pH results in an increase in bicarbonate ions (Eq. 3), increasing saturation and
promoting calcium carbonate precipitation (Eq. 4). Equation 5 summarizes the overall reaction, resulting in two
moles of ammonium generated and one mole of calcium carbonate precipitated per mole of urea hydrolyzed.

CO(NH2 )2 + 2H2 O urease 2NH3 + H2 CO3
−−−→

(1)
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2NH3 + 2H2 O → 2NH4+ + 2OH −

(2)

H2 CO3 + OH − → HCO3− + H2 O

(3)

Ca2+ + HCO3− → CaCO3(s) + H +

(4)

CO(NH2 )2 + 2H2 O + Ca2+ urease 2NH4+ + CaCO3(s)
−−−→

(5)

Visualization of MMI is typically performed on samples extracted from bench-scale reactor systems, which
may not be accurate representations of the original state of the microbes or minerals. Such ‘ex situ’ visualizations
do not allow for non-destructive, time-resolved observation of microbes and minerals starting from single cells or
small groups of cells. Non-invasive visualization of MICP at the nano- and microscale has the potential to provide
temporally resolved, quantitative comparisons of mineral nucleation, mineral growth, and mineral types. These
comparisons are important in understanding MMI and in linking the biogeochemical reactions occurring at the
nano- and microscale to the macroscale. One microbe-mineral interaction believed to occur during MICP is the
encapsulation of ureolytic cells by the CaCO3 precipitates produced10–13, and a decrease in ureolytic activity after
precipitate formation, observed in bulk MICP experiments, is often attributed to cell e ncapsulation10,14. While
bulk chemistry changes can be good indicators of cell activity, a direct correlation to encapsulation might not
be accurate. Recently, Zhang et al. argued that nucleation at the cell surface might be an oversimplified model
and called for direct observations of the nucleation p
 rocess15. Cell encapsulation during biological precipitation has been suggested by several a uthors10–13 but has primarily been inferred from electron micrographs of ex
situ samples. Electron micrographs generally show precipitates with indentations that match the dimensions of
ureolytic cells, or hollow tubular structures approximately the diameter of bacterial cells leading to the hypothesis
of the cells becoming entombed in the precipitates. However, sample preparation for electron microscopy often
results in considerable changes of the physical structure of the sample. Dehydration during sample preparation
and electron microscopy can cause the sample to shrink, distort and can give rise to other artifacts that might
not be representative of the original s tate16. Thus, in situ visualization of MICP at the microscale in real-time is
required to investigate the potential for cell encapsulation as well as other MMIs.
Non-invasive visualization of MMIs during biological calcium precipitation at the single-cell level can be
achieved by drop-based microfluidics. Single cells can be isolated in picoliter-sized drops that are tens of micrometers in diameter; these drops are formed at rates of thousands per second by flowing fluids of an aqueous phase
and an oil phase into a flow-focusing microfluidic device that creates drops of water in o
 il17. When bacterial cells
are isolated within d
 rops18, the drops serve as microscopic bioreactors, allowing studies on microbial growth,
kinetics, fundamental cellular physiology, and enzyme kinetics19–21. Drop-based microfluidics has been used to
observe abiotic precipitation processes22–24 but to our knowledge has never been used to study MICP starting
from single bacterial cells. Drop-based microfluidics can enable high-resolution and time-resolved observation
of biomineralization at the nano- to microscale. The ability to study biomineralization in a non-invasive manner
can provide valuable insights into the mechanisms underlying large scale precipitation processes and contribute
to designing novel bio-based materials.
Here, we visualized ureolysis-driven MICP by single E. coli MJK225 cells using drop-based microfluidics.
We generated 25 µm diameter drops containing single MJK2 cells in media and observed the growth of cells
and CaCO3 minerals over time. We varied the calcium ion concentration and found that calcium carbonate
precipitates were observed in drops at all concentrations if urea and MJK2 cells were present. High calcium ion
concentration in the media decreased cell growth and cell motility. In these experiments, precipitates were also
observed in neighboring drops without ureolytic cells indicating drop-drop exchange that facilitated precipitation in drops without ureolytic cells. Precipitates that formed inside drops were characterized using a range of
microscopy and microanalysis techniques. We observed two distinct polymorphs of CaCO3 precipitates in drops,
vaterite and amorphous calcium carbonate (ACC). The ratio of drops containing vaterite to drops containing
ACC changed over time and was dependent on the initial ratio of calcium ion and urea concentrations, reaching a maximum at an equimolar calcium ion to urea ratio. The precipitates identified as vaterite using Raman
microspectroscopy exhibited two different morphologies (dense core and grainy rind) after focused ion beam
milling scanning electron microscopy (FIB-SEM). These precipitates also exhibited autofluorescence, indicating the possible presence of calcite nanocrystals. This work investigates MICP formation starting from single
cells, with a focus on differences in cell growth, cell motility and precipitate polymorphs as a function of time
and calcium ion concentration available in the media. The methods presented here offer a platform for studying
microbe-mineral processes starting from single bacterial cells, including biological precipitate formation, dissolution and polymorph transitions.

Experimental methods

Media and bacterial cell culture. Escherichia coli MJK2, a strain engineered to express GFP and produce
 rease25, was used to promote MICP. Growth medium for MJK2 was Luria–Bertani medium (BD Difco, Fisher
u
Scientific, NH, USA) amended with 10 μg mL−1 gentamicin, 50 mM L-arabinose and 10 μM nickel chloride
(Sigma-Aldrich, MO, USA)25. The cell culture was prepared by adding 50 μL of a MJK2 frozen stock culture to
10 mL of growth medium in a 50 mL centrifuge tube loosely covered with aluminum foil. The centrifuge tube
was placed upright on a horizontal shaker operating at 150 RPM at ambient temperature (24.5 ± 1.5 °C). After
24 h, the optical density (OD) was measured using a BIOTEK Synergy HT spectrophotometer (600 nm wavelength, 200 μL samples in a 96-well plate, with the blank well OD of 0.044 as reference) and adjusted to an OD of
Scientific Reports |
Vol:.(1234567890)

(2020) 10:17535 |

https://doi.org/10.1038/s41598-020-73870-y

2

www.nature.com/scientificreports/

Experiment description

Ca2+ (M)

Urea (M)

Calcium-to-urea molar ratio (Ca2+:Urea)

MJK2 cells in drops

Low Ca (‘Ca Low’)

0.0825

0.165

0.5:1

Yes

Intermediate Ca2+ (‘CaInt’)

0.165

0.165

1:1

Yes

High Ca2+ (‘CaHigh’)

0.33

0.165

2:1

Yes

Ca2+-free*

0

0.165

–

Yes

2+

Urea-free*

0.165

0

–

Yes

Bacteria-free*

0.165

0.165

1:1

No

Table 1.  Experimental conditions for the drop studies. The three experiments marked with ‘*’ are control
experiments.

Figure 1.  Schematic of experimental workflow showing drop generation, storage, visualization of drops and
characterization of air-dried precipitates.

0.4 using growth medium. An additional dilution was necessary to generate drops with 1 in 10 drops exhibiting
a single cell per drop. Through a series of cell enumeration experiments (see Supplementary Information and
Supplementary Fig. S1), a 1:5 dilution was determined to be optimal for this purpose.
Urea and calcium chloride dihydrate (Fisher Scientific, NH, USA) were added to growth medium at the
concentrations listed in Table 1 to prepare media for the six conditions tested in this study. Three conditions
(CaLow, CaInt and CaHigh) had the prerequisites for MICP to occur (dissolved calcium, dissolved urea, and MJK2,
cf. Equations 1–5); the other three conditions were negative control experiments (marked with ‘*’ in Table 1),
either without calcium in the medium (Ca2+-free), without urea in the medium (urea-free) or without bacteria
(bacteria-free). All media were filter-sterilized using Nalgene Rapid-Flow 0.45 µm pore size bottle-top filters
(ThermoFisher Scientific, MA, USA). The pH of the media at the time of drop-generation was 6–6.3, ensuring
no abiotic precipitation prior to the experiments.

Drop‑generation and work‑flow. Co-flow microfluidic devices made of polydimethylsiloxane (PDMS)
were fabricated in-house using standard soft lithography t echniques20,26. Drops of 25 µm diameter were generated by flowing the 1:5 diluted bacterial culture, media, and Novec HFE-7500 fluorocarbon oil (3 M, St. Paul,
MN, USA) with 1.5% (w/w) 008-FluorSurfactant (RAN Biotechnologies)27 in a flow-focusing, co-flow microfluidic device (Fig. 1). The bacterial culture plus fresh medium formed the inner phase of the water-in-oil emulsion
and the oil containing surfactant formed the outer phase. Using calibrated syringe pumps, the bacterial culture
and media were set to flow rates of 200 µL h−1 each, and the oil was set to a flow rate of 800 µL h−1. Drops were
collected in 1.5 mL microcentrifuge tubes and stored at ambient temperature for experimentation over the next
4 days (Fig. 1).
Bulk experiments. Bulk experiments were performed to compare cell growth in drops to cell growth in
larger volumes and ureolysis at the different calcium ion concentrations. For bulk experiments, 10 mL of media
were used, and the volume of bacterial inoculum added was designed to simulate the cell-to-media ratio in
the drops at the time of drop generation. Bulk experiments were conducted in triplicate in 50 mL centrifuge
tubes loosely covered with aluminum foil and incubated upright on a horizontal shaker (150 RPM) at ambient
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temperature. Fluorescence measurements (excitation 485 ± 20 nm, emission 528 ± 20 nm) were performed at
sampling times consistent with drop imaging times using a BIOTEK Synergy HT spectrophotometer on 200 µL
samples (reference blank well fluorescence reading of 88 fluorescence units). Samples were also diluted using 5%
nitric acid (Fisher Scientific, NH, USA) for urea concentration measurement using the colorimetric Jung assay28.
Sample pH was measured using a Symphony SB70P pH meter (VWR, PA, USA).

Microscopy and microanalysis. Time‑resolved analysis in drops. From the time of drop generation (Day
0) to the end of the experiment at 96 h (Day 4), drops were imaged every 24 h, for a total of 5 time points in all experiments except in the bacteria-free control, for which images were taken on days 0 and 7. In all experiments, an
aliquot of drops large enough to fill a DropSOAC microfluidic d
 evice20 was removed from the microcentrifuge
tube for imaging using an inverted confocal laser scanning microscope (CLSM, Leica SP5) at ambient temperature. During imaging, the hydrated oil-soaked DropSOAC device was submerged in hydrated oil to maximize
drop stability20. Drops were imaged from randomly chosen locations in the DropSOAC device using a 20 × air
objective and the following illumination channels:
(i)
(ii)
(iii)
(iv)

Brightfield image of the entire drop (transmission images), 168 gain, 60 µm pinhole
GFP (Excitation: 488 nm laser, Emission: 490—590 nm) to detect MJK2 cells, 612 gain, 200 µm pinhole
UV (Excitation: 405 nm laser, Emission: 415 nm—550 nm) to detect calcite through its
autofluorescence29,30, 600 gain and 200 µm pinhole
Reflection light (488 nm incident laser, detection between 478 nm—498 nm) to detect precipitates (no
excited fluorophore), 200 gain, 60 µm pinhole. A reflection signal allows visualization of precipitates as
they are generated when the incident laser reflects off solid material.

The CaCO3 fluorescence was termed ‘autofluorescence’ as it did not require the addition of a fluorophore
for signal generation. Image acquisition parameters for CLSM (gain and pinhole aperture) were kept consistent
between experiments for each channel and the initial fluorescence of the 0.4 OD-adjusted cultures used for the
different experiments was comparable (relative standard deviation < 2%). The single-plane images taken with
a large 200 μm pinhole aperture captured signal from a greater imaging volume. This method captures signal
from out-of-focus planes, allowing rapid imaging of an entire drop while preventing signal overestimation from
motile cells appearing in more than one plane during Z-stack acquisition. Drops containing cells were detected
using the ImageJ TrackMate plug-in31 by specifying 25 μm as the drop detection diameter, centered around the
GFP signals on GFP channel images (visually checked against the corresponding brightfield images) and the
fluorescence intensity per drop was measured. The numbers of drops analyzed per measurement are provided
in Supplementary Table S1. For motility measurements, a 30 s acquisition video of approximately 300 drops
from each experiment was analyzed for cell swimming speed in terms of mean track velocity (μm s−1) using
TrackMate. Tracks were detected in drops containing cells based on GFP signal detection constrained to 5 µm
diameter (numbers of tracks in Supplementary Table S2). For cell-chains (Day 1 and Day 2 for C
 aInt) the diameter constraint was set to 10 µm. TrackMate-based drop detection was performed centered around signals from
reflection channel images to count drops containing precipitates. Different diameter settings for detection were
used to differentiate between drops containing the two observed precipitate morphologies (see Supplemental
Information for details).
Precipitate characterization. On day 4, precipitates from drops were collected for visualization and determination of elemental composition and precipitate mineralogy. A 10 μL sample of drops was air-dried at ambient
temperature on a glass slide overnight, breaking the drop emulsion and exposing the precipitates. The dried
sample was transferred onto sticky carbon tape on a metal stub, sputter coated with iridium at 20 mA for 1 min
and imaged using a Zeiss SUPRA 55VP Field Emission Scanning Electron Microscope (SEM). The same sample
was analyzed using energy dispersive X-ray spectroscopy (EDX) to characterize the elemental composition of
the precipitates (Scanning Auger Electron Nanoprobe, Nano-Auger, Physical Electronics 710). In addition, airdried precipitates from each mineralization experiment were analyzed using Raman microspectroscopy (Horiba LabRAM HR Evolution NIR). Samples were also analyzed using a Focused Ion Beam-Scanning Electron
Microscope (FEI Helios Nanolab dual-beam FIB-SEM) and a high-resolution Scanning Transmission Electron
Microscope (aberration-corrected Titan 80–300 STEM). Samples for FIB-SEM were prepared by placing airdried sample on a metal SEM stub and coating with carbon. For TEM, sterile water was added to air-dried drop
samples and precipitate suspensions were transferred onto lacey carbon grids before being allowed to air-dry.

Results and discussion

We observed MICP starting from single cells of E. coli MJK2 in 25 µm diameter drops at various concentrations
of calcium ions (Fig. 2). The cells performed ureolysis, which led to an increase in alkalinity and subsequent
precipitation of CaCO3 according to the reaction scheme outlined in Eqs. (1–5). The three control experiments,
urea-free, Ca2+-free, and bacteria-free, did not produce precipitates and confirmed that the precipitates formed
inside the drops in all mineralization experiments were the result of ureolytic MICP. The ‘Overlay’ columns in
Fig. 2 display overlays of the brightfield, GFP and UV signals and the ‘Refl’ columns show the corresponding
reflection signal images. The green GFP signal from MJK2 cells increases over time (cf. Figure 3a for quantitative
analysis), and a red autofluorescence signal emanating from some of the precipitates appears beginning on day
2 in the CaLow, CaInt, and CaHigh drops.
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Figure 2.  Images of drops from each experiment (conditions outlined in Table 1). The column ‘Overlay’ shows
overlaid images of channels (i) brightfield, (ii) GFP and (iii) UV listed in methods while column ‘Refl’ shows
the corresponding reflection signal (channel (iv) reflection outlined in “Methods” section). For the bacteria-free
condition, the images are from day 0 and day 7. Individual drops shown are approximately 25 µm in diameter.

Figure 3.  Cell growth and motility data from drop experiments. (a) Cell growth in drops, measured as
GFP intensity per drop for C
 a2+-free (white circles), CaLow (green diamonds), C
 aInt (blue square) and CaHigh
(orange triangles); Fig. S2 provides a correlation of bacterial growth (measured as optical density) and GFP
fluorescence. (b) Average swimming speed of cells in drops on days 0, 1, and 2 for C
 a2+-free (white), CaLow
(green), CaInt (blue) and CaHigh (orange) treatments. After day 2, the development of precipitates did not allow
for reliable measurements of cell swimming speeds.

Cell growth, aggregation, and motility. Bacterial growth occurred in the drops as evident from an
increase in the GFP intensity per drop (Figs. 2, Fig. 3a). The GFP signal over time in drops showed trends similar to the corresponding bulk GFP measurements for all conditions except CaInt (Supplementary Figs. S3 and
S4). In the C
 aInt drops, formation of denser precipitates likely affected fluorescence measurements in drops on
the inverted CLSM due to the optical configuration (see Supplemental Information), leading to the observed
decrease in GFP intensity per drop in CaInt on and after day 2. Depending on the calcium ion concentration
in drops, different types of cell aggregates, including clusters, chains, and clumps, were observed on day 1
(Figs. 2, 3b). In CaLow drops cells appeared as clusters, cells in C
 aInt drops formed long chains, while cells in
CaHigh drops appeared to be present in tight clumps identifiable as bacteria by their GFP signal. In comparison,

Scientific Reports |

(2020) 10:17535 |

https://doi.org/10.1038/s41598-020-73870-y

5
Vol.:(0123456789)

www.nature.com/scientificreports/

Figure 4.  Characterization of precipitate morphologies. Raman microspectroscopy data collected from both
precipitate morphologies (CLSM example images shown on the left, drops are approximately 25 µm in diameter)
observed in CaLow (green), CaInt (blue) and CaHigh (orange). Amorphous calcium carbonate was identified by a
weak Raman signal at approximately 1084 cm-1, consistent with published Raman spectra for ACC24,34,35. The
denser precipitates exhibited Raman spectra with double peaks identical to those of the vaterite standard and
published data24,36,37. An ACC standard is not shown here as it was not available and stable ACC could not be
generated via experiments for use as a standard. The vaterite standard shown here was generated experimentally
and was identified as vaterite using XRD and Raman microspectroscopy.
cells in the C
 a2+-free drops did not aggregate, and the drops appeared full of individual cells. Cell aggregation
was not further investigated, but has been previously observed for E. coli K12 (MJK2 is a K12 derivative)32.
The initial (Day 0) cell swimming speed observed in drops was variable between calcium conditions; conditions with higher calcium ion concentrations exhibited reduced average swimming speed even on day 0 (Fig. 3b).
Cell motility decreased drastically between day 0 and day 1 in all experiments and continued to decrease. After
day 2, cell motility could not be reliably quantified because, in many cases, cells became attached to precipitates.

Precipitation in drops. Two morphologies of precipitates were observed in the drops and were distin-

guishable via reflection imaging (Fig. 4). The precipitates exhibiting a less-defined morphology resembled previously published images of amorphous calcium carbonate24,33 and Raman signals collected from these precipitates showed a broad peak at 1084 cm−1 (Fig. 4), which is similar to previously published Raman wavenumbers
(cm−1) for ACC (108424, 107734 and 108335). In contrast, the more defined precipitates revealed a Raman signal
indicative of vaterite (Fig. 4) based on the characteristic double peak for vaterite at 1078 and 1092 cm−1, comparable to literature values of 1074, 1090 cm−1 36,37, 1076, 1092 cm−1 24, and to a lab-generated vaterite standard
(Supplementary Fig. S8). These precipitates had an autofluorescence signal at 405 nm excitation in addition to
a reflection signal indicating an additional mineral phase associated with these precipitates since to our knowledge, vaterite itself has not been observed to autofluoresce. In all mineralization experiments, ACC precipitates
appeared before vaterite precipitates in the drops and no instances were observed where both ACC and vaterite
were present in the same drop, suggesting that vaterite was forming at the expense of ACC (Fig. 5).
Drops containing either ACC or vaterite were quantified from reflection images in all mineralization experiments. The ratio of number of drops containing vaterite to number of drops containing ACC (Vaterite:ACC)
increased over time (Fig. 5a) and this increase was most pronounced for CaInt drops. This condition contained an
equimolar ratio of calcium and urea and displayed the highest number of vaterite precipitates compared to the
other two C
 a2+:Urea ratios tested ( CaLow and C
 aHigh), which showed comparable increases in Vaterite:ACC ratios.
Precipitates were detected later in C
 aHigh (day 2) compared to C
 aLow and C
 aInt (day 1). The delayed onset of
precipitation in the C
 aHigh drops potentially resulted from lower ureolytic activity due to decreased cell growth
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Figure 5.  Quantification of precipitates in drops. (a) Vaterite:ACC ratio over time for the mineralization
experiments. (b) Image overlays of Day 4 drops from CaLow (green diamonds), C
 aInt (blue squares) and CaHigh
(orange triangles) experiments showing precipitates in drops with cells (green signal) and without cells. Scale
bars are 15 µm.

at high calcium ion concentrations (Fig. 3a). In fact, bulk experiments indicated the slowest ureolysis rates in
CaHigh treatments (Supplementary Fig. S6).
In drops with cells, the cells were closely associated with either the ACC or vaterite precipitates (Supplementary Video S1). Interestingly, in C
 aLow, CaInt and C
 aHigh drops, precipitates (ACC and vaterite) were also observed
in drops that exhibited no GFP signal and likely had no cells (Fig. 5.b). Control experiments demonstrated that
all three MICP prerequisites (bacteria, urea and C
 a2+) were necessary for precipitation to take place, hence precipitation in individual drops without cells suggested that these drops formed precipitates as a result of exchange
of ureolytic byproducts (e.g. carbonate and/or hydroxyl ions) between drops with actively ureolyzing bacteria
and drops without cells. This hypothesis was proven by an additional experiment designed to reveal exchange
between drops (Supplementary Information Fig. S7). In this experiment CaInt drops (containing urea, MJK2
cells and dissolved calcium) were mixed at a 1:1 volume ratio with drops containing 1 µm diameter polystyrene
fluorescent microbeads and dissolved calcium, but no urea or MJK2 cells. Precipitates were observed in drops
containing bacteria as expected, but also in drops containing fluorescent microbeads without bacteria. Without
exchange, the drops containing fluorescent microbeads could not have developed precipitates as they did not
contain bacteria or urea, two of the three prerequisites for MICP. Drop fusion was ruled out as a major reason
for the appearance of precipitates in drops without bacteria because (i) no GFP-signal, indicative of cells, was
detected in these drops and (ii) the diameter of the drops analyzed was similar, on average 6% smaller, on day
4 compared to day 0. Determining the exact mechanism of transport between drops is beyond the scope of
this paper but two possible mechanisms include micellar transport via reverse m
 icelles38,39 and concentration
gradient-based diffusion across drop-drop i nterfaces40.
Fluorescence emission scans (405 nm excitation, emission range: 400 nm to 600 nm) performed on 6 randomly
chosen vaterite precipitates indicated a peak emission wavelength (for autofluorescence) of 481.5 nm ± 6.6 nm
(Supplementary Fig. S9). Based on published data for calcite fl
 uorescence30, the measured peak emission wavelength of 481.5 nm coincides with the maximum fluorescence region described for calcite. However, Raman
microspectroscopy and XRD-based characterization of these precipitates indicated vaterite as the major mineral
phase. Hence, one precipitate isolated from a C
 aInt drop was milled layer-by-layer using a Focused Ion Beam and
imaged simultaneously with a Scanning Electron Microscope (FIB-SEM). The FIB-SEM progression images in
Fig. 6a show that the precipitate consisted of a core covered with a grainy rind (Fig. 6a). Transmission Electron
Microscopy (TEM) performed on the rind of another precipitate from a C
 aInt drop suggested that the rind was
crystalline (Fig. 6b) but diffraction patterns did not match any known C
 aCO3 polymorphs. Beam damage during TEM resulting in calcium carbonate transformation is fairly common41,42 and could be the reason for the
inconclusive TEM analysis.
Calcium and oxygen were present in the core and the rind, determined by Energy Dispersive X-ray Spectroscopy (EDX) after FIB milling (Supplementary Fig. S10a). The heterogeneous morphology of the precipitates,
along with the EDX data and the autofluorescence might explain the presence of both vaterite and potentially
calcite. Further crystallographic investigations are required in the future to better characterize the composition
of the core and the rind.
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Figure 6.  Visualization of a single vaterite precipitate using FIB-SEM and TEM. (a) Left to Right: SEM images
showing progression of FIB milling of a single precipitate from a C
 aInt drop. The interior core of the precipitate
appears densely packed, surrounded by a grainy rind. (b) TEM images of a precipitate from a CaInt drop showing
atomic column structures suggestive of crystallinity.

Figure 7.  Images indicating cell encapsulation by precipitates. Cylindrical extensions observed using different
imaging techniques. (a) CLSM images of drops with autofluorescent extensions (red) showing interior GFP
signal (green) resembling the cell-chains displayed in Fig. 2. Individual drops shown are approximately 25 µm
in diameter. (b) SEM image of a vaterite precipitate with two extensions. (c) TEM micrographs showing cellshaped structures covered with precipitates. (d) FIB-SEM slicing of a cell-shaped extension indicating a hollow,
possibly previously cell-occupied tube.

Bacteria as mineral scaffolds. The mineralization and control experiments presented above show that

bacterial ureolysis is a prerequisite for CaCO3 precipitation. Our microscopy data (Fig. 7) show that precipitates
form on and around the bacteria themselves. Cylindrical sheaths of precipitate were observed closely surrounding bacterial cell-chains (Fig. 7). The sheaths were identified as C
 aCO3 based on their calcium and oxygen signals
(NanoAuger EDX, Supplementary Fig. S10), and their autofluorescence when excited at 405 nm which is consistent with the autofluorescence of the precipitates observed throughout this study. The sheaths were approximately
1 µm in diameter and of variable length. In many instances, these precipitate sheaths showed a narrower, internal
GFP fluorescence at 488 nm excitation (Fig. 7a), closely resembling the cell-chains seen in Fig. 2.
TEM images of the cell-shaped extensions suggested lower density structures resembling cells covered with
precipitates (Fig. 7c). A cell-shaped extension was also cut and imaged using FIB-SEM (Fig. 7d); the interior
appeared hollow, which is consistent with cell material either having degraded or collapsed due to the SEM
vacuum conditions. The cut extension showed calcium and oxygen signals (Supplementary Fig. S10c). Overall,
the microscopic investigations using SEM and TEM suggest that cells were encased in precipitates, and the fully
hydrated CLSM images show that the encasement of cells in precipitates is not an artifact from sample preparation (drying, vacuum etc.), but rather that the precipitates are surrounding the cells in situ.
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Conclusions

Abiotically-driven calcium carbonate precipitation has been previously studied using drop-based microfluidics
via mixing of calcium chloride and sodium carbonate solutions inside drops22–24. Biologically-driven precipitation, which is dependent on bacterial activity, has to our knowledge not been studied in drops before, and
this work is the first to combine drop-based microfluidics with microscopy to visualize ureolysis-driven MICP
starting from single cells.
Bacterial ureolysis was promoted in microscopic droplets containing single ureolytic cells. Calcium carbonate precipitates formed in the presence of the three prerequisites for MICP (ureolytic cells, dissolved urea and
dissolved calcium). The different calcium ion concentrations tested in drops resulted in bacterial aggregates of
different types, including clusters, chains, and clumps. Cell motility decreased over time in all conditions and
higher calcium ion concentrations led to a decrease in initial cell motility. Precipitates in drops underwent morphological and mineralogical changes over time. Precipitates in drops that did not originally contain cells likely
formed via transport of carbonate and/or hydroxyl ions between drops.
Our results indicate a combination of vaterite and potentially calcite as the final products. These precipitates
had a Raman signal consistent with that of vaterite, but also exhibited an autofluorescence signal under CLSM,
which indicated the presence of calcite. This was further inferred from FIB-SEM results obtained from the vaterite
precipitates, which revealed a heterogeneous structure consisting of an interior core covered by a grainy rind,
suggesting two different morphologies and thus possibly mineral phases.
The presence of organics likely aided in the formation and prolonged the stability of amorphous calcium carbonate and vaterite, both metastable CaCO3 polymorphs. The possible, partial phase transition to calcite, implied
by the autofluorescence, could also be related to the presence of organics. For example, extracellular organic
matrix-associated phosphoproteins have been shown to stabilize ACC43. Stable vaterite has been synthesized in
the presence of root proteins of chick pea seeds44 and small proteins of different types of EPS can also influence
the polymorphism of CaCO3 precipitates45. Most related to our produced precipitates is a study by Wang et al. in
which vaterite microspheres with loops of calcite were generated in the presence of poly-sodium 4‐styrenesulfonate (PSS) and folic acid46. Organics can not only affect CaCO3 polymorph selection47 but extracellular organics
such as glycoproteins and other macro molecules produced by microbes can also increase crystal aggregation48.
Future studies will investigate the role of organics in phase transitions.
A microscopy-based approach involving thin-sectioning of the precipitates followed by spatially-resolved
fluorescence, and TEM/SEM diffraction or Raman vibration-based characterizations of the thin sections did not
yield conclusive results. Identifying the crystal phases of the core and the rind would allow for an in-depth understanding of mineral formation and transformation with the potential for controlling resulting material properties.
In summary, we observed precipitates surrounding bacterial cells through various microscopy methods,
including CLSM, SEM, FIB-SEM and TEM. These observations support the hypothesis that bacterial cells can
serve as mineral scaffolds and possibly nucleation points for precipitation and can become encapsulated in
CaCO3 during M
 ICP10–13. Correlative microscopy studies focused on characterizing the developing precipitates, specifically targeting temporal changes in morphology and mineralogy, will be performed in the future.
The research presented here provides a platform for single-cell and single-crystal level studies as well as for the
study of many other microbe-mineral interactions, such as other biomineralization processes, sequestration of
heavy metals or radionuclides, bioleaching and mineral dissolution. Finally, the observed uniformity in size and
shape of precipitate aggregates is highly promising for micro-manufacturing of small particulate minerals or
nanoparticles with specific material properties.
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References

1. Dong, H. L. & Lu, A. H. Mineral-microbe interactions and implications for remediation. Elements 8, 95–100. https://doi.
org/10.2113/gselements.8.2.95 (2012).
2. Li, X. B. et al. Spatial patterns of carbonate biomineralization in biofilms. Appl. Environ. Microbiol. 81, 7403–7410. https://doi.
org/10.1128/aem.01585-15 (2015).
3. Miot, J., Benzerara, K. & Kappler, A. In Annual Review of Earth and Planetary Sciences, Vol. 42 Annual Review of Earth and Planetary
Sciences (ed R. Jeanloz) 271–289 (Annual Reviews, 2014).
4. Brookshaw, D., Pattrick, R., Lloyd, J. & Vaughan, D. Microbial effects on mineral–radionuclide interactions and radionuclide
solid-phase capture processes. Mineral. Mag. 76, 200. https://doi.org/10.1180/minmag.2012.076.3.25 (2012).
5. Li, J. et al. Biomineralization, crystallography and magnetic properties of bullet-shaped magnetite magnetosomes in giant rod
magnetotactic bacteria. Earth Planet. Sci. Lett. 293, 368–376. https://doi.org/10.1016/j.epsl.2010.03.007 (2010).
6. Douglas, S. & Beveridge, T. J. Mineral formation by bacteria in natural microbial communities. FEMS Microbiol. Ecol. 26, 79–88.
https://doi.org/10.1111/j.1574-6941.1998.tb00494.x (1998).
7. Dick, G. et al. The microbiology of deep-sea hydrothermal vent plumes: ecological and biogeographic linkages to seafloor and
water column habitats. Front. Microbiol. https://doi.org/10.3389/fmicb.2013.00124 (2013).
8. Hatzenpichler, R., Krukenberg, V., Spietz, R. L. & Jay, Z. J. Next-generation physiology approaches to study microbiome function
at single cell level. Nat. Rev. Microbiol. https://doi.org/10.1038/s41579-020-0323-1 (2020).
9. Phillips, A. J. et al. Engineered applications of ureolytic biomineralization: a review. Biofouling 29, 715–733. https://doi.
org/10.1080/08927014.2013.796550 (2013).
10. Cuthbert, M. O. et al. Controls on the rate of ureolysis and the morphology of carbonate precipitated by S. pasteurii biofilms and
limits due to bacterial encapsulation. Ecol. Eng. 41, 32–40 (2012).
11. De Muynck, W., Verbeken, K., De Belie, N. & Verstraete, W. Influence of urea and calcium dosage on the effectiveness of bacterially
induced carbonate precipitation on limestone. Ecol. Eng. 36, 99–111. https://doi.org/10.1016/j.ecoleng.2009.03.025 (2010).
12. Ferris, F. G., Fyfe, W. S. & Beveridge, T. J. Bacteria as nucleation sites for authigenic minerals in a metal-contaminated lake sediment. Chem. Geol. 63, 225–232. https://doi.org/10.1016/0009-2541(87)90165-3 (1987).

Scientific Reports |

(2020) 10:17535 |

https://doi.org/10.1038/s41598-020-73870-y

9
Vol.:(0123456789)

www.nature.com/scientificreports/
13. Hammes, F. & Verstraete, W. Key roles of pH and calcium metabolism in microbial carbonate precipitation. Rev. Environ. Sci.
Biotechnol. 1, 3–7. https://doi.org/10.1023/a:1015135629155 (2002).
14. van Paassen, L. Biogrout, Ground Improvement by Microbial Induced Carbonate Precipitation. Doctoral Thesis. (Delft University
of Technology, Delft, Netherlands, 2009).
15. Zhang, W., Ju, Y., Zong, Y., Qi, H. & Zhao, K. In situ real-time study on dynamics of microbially induced calcium carbonate precipitation at a single-cell level. Environ. Sci. Technol. https://doi.org/10.1021/acs.est.8b02660 (2018).
16. Dohnalkova, A. C. et al. Imaging hydrated microbial extracellular polymers: comparative analysis by electron microscopy. Appl.
Environ. Microbiol. 77, 1254–1262. https://doi.org/10.1128/aem.02001-10 (2011).
17. Kaminski, T. S., Scheler, O. & Garstecki, P. Droplet microfluidics for microbiology: techniques, applications and challenges. Lab
Chip 16, 2168–2187. https://doi.org/10.1039/c6lc00367b (2016).
18. Vincent, M. E., Liu, W. S., Haney, E. B. & Ismagilov, R. F. Microfluidic stochastic confinement enhances analysis of rare cells by
isolating cells and creating high density environments for control of diffusible signals. Chem. Soc. Rev. 39, 974–984. https://doi.
org/10.1039/b917851a (2010).
19. Taheri-Araghi, S., Brown, S. D., Sauls, J. T., McIntosh, D. B. & Jun, S. In Annual Review of Biophysics, Vol. 44 (ed K. A. Dill) 123–142
(Annual Reviews, 2015).
20. Pratt, S. L. et al. DropSOAC: stabilizing microfluidic drops for time-lapse quantification of single-cell bacterial physiology. Front.
Microbiol. https://doi.org/10.3389/fmicb.2019.02112 (2019).
21. Schmitz, C. H. J., Rowat, A. C., Köster, S. & Weitz, D. A. Dropspots: a picoliter array in a microfluidic device. Lab Chip 9, 44–49.
https://doi.org/10.1039/B809670H (2009).
22. Rodriguez-Ruiz, I. et al. Transient calcium carbonate hexahydrate (ikaite) nucleated and stabilized in confined nano- and picovolumes. Cryst. Growth Des. 14, 792–802. https://doi.org/10.1021/cg401672v (2014).
23. Yashina, A., Meldrum, F. & deMello, A. Calcium carbonate polymorph control using droplet-based microfluidics. Biomicrofluidics
6, 10. https://doi.org/10.1063/1.3683162 (2012).
24. Liu, P. Y., Yao, J., Couples, G. D., Ma, J. S. & Iliev, O. 3-D modelling and experimental comparison of reactive flow in carbonates
under radial flow conditions. Sci. Rep. 7, 10. https://doi.org/10.1038/s41598-017-18095-2 (2017).
25. Connolly, J. et al. Construction of two ureolytic model organisms for the study of microbially induced calcium carbonate precipitation. J. Microbiol. Methods 94, 290–299. https://doi.org/10.1016/j.mimet.2013.06.028 (2013).
26. Duffy, D. C., McDonald, J. C., Schueller, O. J. & Whitesides, G. M. Rapid prototyping of microfluidic systems in
poly(dimethylsiloxane). Anal. Chem. 70, 4974–4984. https://doi.org/10.1021/ac980656z (1998).
27. Holtze, C. et al. Biocompatible surfactants for water-in-fluorocarbon emulsions. Lab Chip 8, 1632–1639. https://doi.org/10.1039/
b806706f (2008).
28. Jung, D., Biggs, H., Erikson, J. & Ledyard, P. U. New colorimetric reaction for endpoint, continuous-flow, and kinetic measurement
of urea. Clin. Chem. 21, 1136–1140 (1975).
29. Phillips, A. J. et al. Fracture sealing with microbially-induced calcium carbonate precipitation: a field study. Environ. Sci. Technol.
50, 4111–4117. https://doi.org/10.1021/acs.est.5b05559 (2016).
30. Yoshida, N., Higashimura, E. & Saeki, Y. Catalytic biomineralization of fluorescent calcite by the thermophilic bacterium Geobacillus thermoglucosidasius. Appl. Environ. Microbiol. 76, 7322–7327. https://doi.org/10.1128/aem.01767-10 (2010).
31. Tinevez, J. Y. et al. TrackMate: an open and extensible platform for single-particle tracking. Methods 115, 80–90. https://doi.
org/10.1016/j.ymeth.2016.09.016 (2017).
32. Vejborg, R. M. & Klemm, P. Cellular chain formation in Escherichia coli biofilms. Microbiology (Reading, England) 155, 1407–1417.
https://doi.org/10.1099/mic.0.026419-0 (2009).
33. Rodriguez-Blanco, J. D., Shaw, S. & Benning, L. G. The kinetics and mechanisms of amorphous calcium carbonate (ACC) crystallization to calcite, via vaterite. Nanoscale 3, 265–271. https://doi.org/10.1039/c0nr00589d (2011).
34. Tlili, M. M. et al. Characterization of CaCO3 hydrates by micro-Raman spectroscopy. J. Raman Spectrosc. 33, 10–16. https://doi.
org/10.1002/jrs.806 (2002).
35. Clarkson, J. R., Price, T. J. & Adams, C. J. Role of metastable phases in the spontaneous precipitation of calcium-carbonate. J. Chem.
Soc. Faraday Trans. 88, 243–249. https://doi.org/10.1039/ft9928800243 (1992).
36. Gabrielli, C., Jaouhari, R., Joiret, S., Maurin, G. & Rousseau, P. Study of the electrochemical deposition of CaCO3 by in situ Raman
spectroscopy—I. Influence of the substrate. J. Electrochem. Soc. 150, C478–C484. https://doi.org/10.1149/1.1579482 (2003).
37. Behrens, G., Kuhn, L. T., Ubic, R. & Heuer, A. H. Raman-spectra of vateritic calcium-carbonate. Spectrosc. Lett. 28, 983–995. https
://doi.org/10.1080/00387019508009934 (1995).
38. Wagner, O. et al. Biocompatible fluorinated polyglycerols for droplet microfluidics as an alternative to PEG-based copolymer
surfactants. Lab Chip 16, 65–69. https://doi.org/10.1039/C5LC00823A (2016).
39. Gruner, P. et al. Controlling molecular transport in minimal emulsions. Nat. Commun. 7, 10392. https://doi.org/10.1038/ncomm
s10392 (2016).
40. Bai, Y. et al. A double droplet trap system for studying mass transport across a droplet-droplet interface. Lab Chip 10, 1281–1285.
https://doi.org/10.1039/b925133b (2010).
41. Hoffmann, R. et al. TEM preparation methods and influence of radiation damage on the beam sensitive CaCO3 shell of Emiliania
huxleyi. Micron 62, 28–36. https://doi.org/10.1016/j.micron.2014.03.004 (2014).
42. Hooley, R., Brown, A. & Brydson, R. Factors affecting electron beam damage in calcite nanoparticles. Micron 120, 25–34. https://
doi.org/10.1016/j.micron.2019.01.011 (2019).
43. Bentov, S., Weil, S., Glazer, L., Sagi, A. & Berman, A. Stabilization of amorphous calcium carbonate by phosphate rich organic
matrix proteins and by single phosphoamino acids. J. Struct. Biol. 171, 207–215. https://doi.org/10.1016/j.jsb.2010.04.007 (2010).
44. Rautaray, D., Sanyal, A., Bharde, A., Ahmad, A. & Sastry, M. Biological synthesis of stable vaterite crystals by the reaction of calcium
ions with germinating chickpea seeds. Cryst. Growth Des. 5, 399–402. https://doi.org/10.1021/cg0341858 (2005).
45. Kawaguchi, T. & Decho, A. W. A laboratory investigation of cyanobacterial extracellular polymeric secretions (EPS) in influencing
CaCO3 polymorphism. J. Cryst. Growth 240, 230–235. https://doi.org/10.1016/s0022-0248(02)00918-1 (2002).
46. Wang, S.-S., Picker, A., Cölfen, H. & Xu, A.-W. Heterostructured calcium carbonate microspheres with calcite equatorial loops
and vaterite spherical cores. Angew. Chem. Int. Ed. 52, 6317–6321. https://doi.org/10.1002/anie.201301184 (2013).
47. Rao, A. & Cölfen, H. Morphology control and molecular templates in biomineralization. Biominer. Biomater. https://doi.
org/10.1016/B978-1-78242-338-6.00003-X (2016).
48. Aggarwal, K. P., Narula, S., Kakkar, M. & Tandon, C. Nephrolithiasis: molecular mechanism of renal stone formation and the
critical role played by modulators. Biomed Res Int 2013, 292953–292953. https://doi.org/10.1155/2013/292953 (2013).

Acknowledgements

This work was supported by the US Department of Energy (DOE) under NETL DE-SC0010099, DE-FE0004478,
and DE-FE0009599. Additional funding was provided through National Science Foundation Awards DMS0934696 (RG) and 1736255 (BuG ReMeDEE, RG and CBC) as well as the National Science Foundation CAREER
Grant 1753352 (CBC). FIB-SEM and TEM were performed using EMSL (grid.436923.9), a DOE Office of Science

Scientific Reports |
Vol:.(1234567890)

(2020) 10:17535 |

https://doi.org/10.1038/s41598-020-73870-y

10

www.nature.com/scientificreports/
User Facility sponsored by the Office of Biological and Environmental Research. Neerja Zambare was also
supported by the Raymond E. and Erin S. Schultz Emerging Fellows Award. Nada Naser was supported by the
Undergraduate Scholars Program at Montana State University. The authors acknowledge the Center for Biofilm
Engineering and the Imaging and Chemical Analysis Laboratory at Montana State University part of the Montana
Nanotechnology Facility, an NNCI facility supported by NSF Grant ECCS-1542210. Lastly, thanks to Chang Lab
members Robert Schaefer, Garrett Bernard, Geoffrey Zath and Shawna Pratt for help with microfluidic device
fabrication and experiments.

Author contributions

N.M.Z., C.B.C., and R.G. conceived experimental design and setup; N.M.Z. and N.Y.N. carried out experiments
and performed confocal microscopy analysis; N.M.Z. and R.G. performed electron microscopy at PNNL; N.M.Z.,
C.B.C., and R.G. wrote the paper.

Competing interests

The authors declare no competing interests.

Additional information

Supplementary information is available for this paper at https://doi.org/10.1038/s41598-020-73870-y.
Correspondence and requests for materials should be addressed to R.G. or C.B.C.
Reprints and permissions information is available at www.nature.com/reprints.
Publisher’s note Springer Nature remains neutral with regard to jurisdictional claims in published maps and
institutional affiliations.
Open Access This article is licensed under a Creative Commons Attribution 4.0 International
License, which permits use, sharing, adaptation, distribution and reproduction in any medium or
format, as long as you give appropriate credit to the original author(s) and the source, provide a link to the
Creative Commons licence, and indicate if changes were made. The images or other third party material in this
article are included in the article’s Creative Commons licence, unless indicated otherwise in a credit line to the
material. If material is not included in the article’s Creative Commons licence and your intended use is not
permitted by statutory regulation or exceeds the permitted use, you will need to obtain permission directly from
the copyright holder. To view a copy of this licence, visit http://creativecommons.org/licenses/by/4.0/.
© The Author(s) 2020

Scientific Reports |

(2020) 10:17535 |

https://doi.org/10.1038/s41598-020-73870-y

11
Vol.:(0123456789)

